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ABSTRACT 
There is considerable evidence that amphibians are declining globally due to 
various anthropogenic stressors.  Cattle grazing in wetlands is a stressor that may have 
negative impacts on amphibians and has not been investigated intensively.  Cattle could 
have a negative effect on larval amphibians by decreasing water quality through 
deposition of nitrogenous waste.  Reduction in water quality also may compromise 
immune function by inducing stress thus making larvae more susceptible to pathogens.  
My objective was to quantify differences in amphibian larvae community metrics, water 
quality, and pathogen prevalence between cattle-access and non-access wetlands.  I also 
measured fish abundance and biomass of filamentous algae and detritus, because these 
variables are known to influence larval amphibian populations, and may be affected by 
cattle.  My study was conducted at the University of Tennessee Plateau Research and 
Education Center on the Cumberland Plateau, Tennessee.  I sampled amphibian larvae 
and fish 2X per week, water quality 2X per month, and algal and detrital biomass 1X per 
month at each wetland from March – August 2005 and 2006.  I also opportunistically 
collected American bullfrog (Rana catesbeiana) and green frog (R. clamitans) tadpoles 
from cattle-access and non-access wetlands during three seasons (winter, summer, and 
autumn), tested them for pathogens, and noted histopathological changes.  In general, 
relative abundance, species richness, and species diversity of amphibian larvae were 
greater in non-access wetlands.  Mean relative abundance of green frog and American 
bullfrog (and all other ranid tadpoles) was greater in non-access wetlands.  Dissolved 
oxygen was lower, while specific conductivity and turbidity were higher in cattle-access 
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wetlands.  Detrital and algal biomass was lower and greater in cattle-access wetlands in 
compared to non-access wetlands, respectively.  Some changes were noted in aquatic 
invertebrate and fish abundance between land uses.  Tadpoles also were infected by a 
variety of known amphibian pathogens (e.g., Frog virus 3, Aeromonas hydrophila), but 
land-use trends often were dependent on species and season.  My results suggest cattle 
negatively impact water quality, detritus, and relative abundance of some larval 
amphibian species.  Fencing cattle from wetlands may be a prudent amphibian 
conservation strategy.
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The global decline of amphibian populations has been perplexing biologists for 
decades (Alford and Richards 1999, Houlahan et al. 2000, Stuart et al. 2004).  Results 
indicate that declines may have begun in the late 1950s (Houlahan et al. 2000).  However, 
it was not until 1989 at the First World Congress of Herpetology that scientists 
collectively recognized and expressed concern over worldwide amphibian declines 
(Stuart et al. 2004).  As of 2007, the World Conservation Union (IUCN) Red List 
reported that of the 5,918 documented amphibian species in the world, 1,811 species 
(31%) are declining and in threat of extinction (International Union for Conservation of 
Nature and Natural Resources 2007).   There are many hypotheses for possible 
mechanisms that may be responsible for these declines, most of which are related to 
anthropogenic stressors.  These include pathogens, exotic species introduction, water 
contamination, global climate change, UV-B radiation, habitat degradation, and a 
combination of these factors (Alford and Richards 1999).   
 Various pathogens have been implicated in amphibian declines (Alford and 
Richards 1999, Daszak et al. 1999), with most mass mortality events associated with 
various iridoviruses and the chytrid fungus (Batrachochytrium dendrobatidis, Longcore 
et al. 1999, Friend 2006).  Iridoviruses infect various amphibian species around the 
world.  Infections have been reported in Australia, Europe, and North and South America 
(Bollinger et al. 1999, Daszak et al. 1999, Green et al. 2002).  The genus of Iridoviridae 
that infects amphibians is Ranavirus (Hyatt et al. 2000), which has been responsible for 
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over half of the reported die-offs in the United States from 1996–2001 (Green et al. 
2001).  Ranavirus infections can result in explosive mortality events, with thousands of 
individuals dying in one day (Converse and Green 2005).  It appears that the most 
susceptible age class is the larval stage.  Gross pathological signs in amphibian larvae 
include edema, petechial hemorrhaging, and abnormalities in the organs (Converse and 
Green 2005).  Another pathogen of concern to amphibians is the chytrid fungus, which 
has decimated populations in Central America (Lips et al. 2005), Australia (Daszak et al. 
1999), and a few species in California (Fellers et al. 2001).  This fungus attacks 
keratinized tissue of amphibians (Pessier et al. 1999), and results in epidermal dermatitis 
(Daszak et al. 1999).  Given that amphibian larvae lack keratinized skin, infection by B. 
dendrobatidis usually only results in discoloration and occasional malformation of the 
oral disc and not mortality (Fellers et al. 2001).  A bacterial pathogen that has been 
connected with some localized die-offs is Aeromonas hydrophila, which in the past was 
considered to be the only etiologic agent for red-leg disease (Dusi 1949, Bradford 1991).  
We now realize, however, that other bacteria (e.g., Flavobacterium indologenes) and 
iridoviruses can cause red-leg disease, and dual infections may occur more often than 
single-pathogen infection in diseased individuals (Olson et al. 1992, Cunningham et al. 
1996, Taylor et al. 2001).  Parasites, such as the trematodes in the genus Ribeiroia, also 
can cause declines in amphibian populations by inducing gross malformations in recently 
metamorphosed frogs, which can lead to increased predation (Johnson et al. 1999).     
Exotic species introduction, particularly species that prey on amphibians, has 
negatively impacted populations in certain areas (Alford and Richards 1999).  Amphibian 
larvae are especially susceptible to predators such as fish, paedomorphic salamanders, 
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and various aquatic invertebrates (Manteifel and Reshetnikov 2002).  For example, the 
introduction of rainbow (Oncorhynchus mykiss), brown (Salmo trutta), and golden trout 
(Oncorhynchus aguabonita) and brook char (Salvelinus fontinalis) into fishless lakes in 
Sequoia and Kings Canyon National Park, California, was a primary mechanism for the 
decline of the mountain yellow-legged frog (Rana muscosa, Bradford et al. 1993).  
Similarly, rough-skinned newt (Taricha torosa) populations in southern California 
declined in the presence of introduced western mosquitofish (Gambusia affinis) and 
crayfish (Procambarus clarkii, Gamradt and Kats 1996).    
Amphibians have permeable skin and therefore are sensitive to changes in the 
aquatic environment (Duellman and Trueb 1986).  Water temperature, pH, and various 
agricultural chemicals have been shown to influence larval growth rates and survival 
(Bradford et al. 1992, Boyer and Grue 1995).  For example, high concentrations of 
nitrate, nitrite, and ammonium can impede the growth of larvae or cause death (Rouse et 
al. 1999).  Low pH levels (e.g., pH ≤ 4.0) can reduce feeding and subsequently growth 
for certain larval species (Rosenburg and Pierce 1992).   Manure and fertilizer runoff into 
wetlands in agricultural areas can cause eutrophic conditions (Carpenter et al. 1998, 
Collins 2004), which may further negatively influence larval amphibians because of 
decreased dissolved oxygen. 
Terrestrial and aquatic habitat destruction and alteration are major contributors to 
the decline of amphibian populations (Alford and Richards 1999, Zug et al. 2001, Stuart 
et al. 2004).  Most habitat loss is a consequence of anthropogenic land use, including 
deforestation, urbanization, and agriculture (Mensing et al. 1998).  Forested areas 
surrounding wetlands in Wisconsin and Iowa are positively associated with anuran 
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populations (Knutson et al. 1999).  It has been reported that forest cover within 1000 m of 
a wetland can positively influence amphibian species richness (Herrman et al. 2005).  
Redback salamanders (Plethodon cinereus) have been found to be sensitive to forest 
patch size (Kolozsvary and Swihart 1999).  Amphibians also are sensitive to urban 
development (Knutson et al. 1999).  Knutson et al. (1999) found that urban areas 
negatively influenced anuran abundance.  Urbanization causes fragmentation of habitat, 
which can lead to a decrease in amphibian biodiversity (McKinney 2002).  Although 
urbanization has been shown to be more detrimental than agriculture to amphibian 
populations, agricultural land use can negatively affect amphibian communities (Gibbs et 
al. 2005).   Agricultural land use can cause a change in the amphibian community 
structure, decrease hydroperiods in wetlands, and increase the geometric complexity of 
the landscape between wetlands (Kolozsvary and Swihart 1999, Gray et al. 2004a, Gray 
et al. 2004b).  Cropland agriculture can cause fragmentation in amphibian populations by 
hindering movements of these organisms, which can influence species occurrence 
(Kolozsvary and Swihart 1999, Gray et al. 2004b).  Further, cattle grazing and nutrient 
loading may impact amphibian populations (Mensing et al. 1998).      
 Cattle grazing often is considered a more subtle anthropogenic land use compared 
to urbanization or cultivation.   The presence of these domestic animals, however, may be 
detrimental to amphibians (Reaser 2000).  Jansen and Healey (2003) noted a decrease in 
amphibian species richness due to cattle grazing.  Additionally, Knutson et al. (2004) 
reported a reduction in amphibian reproductive success in ponds with cattle access.  
However, the potential mechanism for these changes in the amphibian community is 
unknown.     
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  Cattle can negatively affect water quality by urinating and defecating in wetlands 
(Belsky et al. 1999).  Cattle excrement can degrade water quality by increasing various 
nitrogen compounds and phosphate levels (Hooda et al. 2000, Collins 2004).  High 
nutrient levels can lead to eutrophication (Chase 2003), which can cause oxygen deficits 
and lead to mortality of aquatic organisms (United States Department of Agriculture 
1999).  Chase (2003) also found that eutrophication can increase planorbid snail 
populations, specifically those belonging to the genera Planorbella, Biomphalaria, and 
Helisoma, which are the first intermediate host of the parasite Ribeiroia (Chase 2003, 
Johnson et al. 2004).   
 Cattle also can decrease shoreline vegetation (Trimble and Mendel 1995, Belsky 
et al. 1999), which can reduce cover from predators, and may decrease detritus by 
reducing litter fall in wetlands.  Larval amphibians use vegetated areas and detritus in 
wetlands for escape cover from predators (Alford 1999).  In addition, larvae feed on 
detritus and associated periphyton and invertebrates (Diaz-Paniagua 1985).    
 By reducing water quality and shoreline vegetation, cattle may create a stressful 
environment for larval amphibians.  When organisms are stressed, immune function 
decreases, which can lead to an increase in pathogen susceptibility (Guyton and Hall 
2000).  Gray et al. (2007a) found that green frog (Rana clamitans) tadpoles were 4X 
more likely to be infected with Frog virus 3 inhabiting cattle-access wetlands compared 
to those in non-access wetlands.           
  The United States is the leading producer of beef products in the world.  There 
are around one million beef cattle farms in the United States, containing approximately 
100 million head (United States Department of Agriculture 2006).  The beef cattle 
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industry generates approximately $40 billion annually in revenue (United States of 
Department of Agriculture 2006).  Thus, beef farming is widespread in the United States 
and an important component of our economy.  Many beef farming operations allow cattle 
to access farm ponds and other wetlands to forage and drink water (National Resources 
Conservation Service 2005).  Knutson et al. (2004) provided convincing evidence that 
agricultural wetlands are important habitats for resident amphibians, and may represent 
the only breeding sites available in agriculturally dominated landscapes.  Prior to Burton 
(2007) and my study, no replicated studies existed examining the possible impacts of 
cattle in wetlands on amphibians.  In addition, most previous studies have examined 
postmetamorphic amphibians; only one study to my knowledge has been performed on 
larvae (Bull et al. 2001), and it was not replicated.  Therefore, the goal, of my M.S. 
research was to quantify the potential impacts of cattle on larval amphibians in 
Tennessee.  In Chapter II, I discuss how cattle impact water quality, algal and detrital 
biomass, aquatic invertebrate and fish abundance, and relative abundance of larval 
amphibians.  In Chapter III, I discuss how these impacts may have influenced pathogen 
prevalence, which I quantified in a random subsample of opportunistically collected 
tadpoles.  Finally, I summarize all results in Chapter IV and provide some thoughts on 




IMPACTS OF CATTLE ACCESS IN WETLANDS ON LARVAL AMPHIBIANS 
Introduction 
Habitat destruction and land-use alterations are major contributors to global 
amphibian declines (Alford and Richards 1999, Zug et al. 2001, Stuart et al. 2004).  It is 
known that drastic changes in natural land cover by humans, such as deforestation 
(Hecnar and M’Closkey 1996a, Vallan 2002, Herrman et al. 2005, Babbitt et al. 2006), 
mining (Anderson and Arruda 2006), urbanization (Knutson et al. 1999, Lehtinen et al. 
1999, Semlitsch et al. 2007), and agriculture (Bonin et al. 1997, Johansson et al. 2005, 
Trauth et al. 2006) can have negative impacts on resident amphibians.  These land-use 
modifications can reduce quality of aquatic and terrestrial habitats for amphibians, and 
decrease the connectivity of spatially disjunct populations ultimately increasing the 
probability of extinction (Lehtinen et al. 1999, Herrman et al. 2005).     
Cattle use of amphibian habitats often is considered a subtle anthropogenic land 
use, and consequently it has received less attention in research compared to deforestation, 
urbanization, or cropland agriculture.  However, we know the presence of these domestic 
animals in wetlands can influence macroinvertebrate diversity and abundance (reviewed 
in Belsky et al. 1999, Foote and Hornung 2005, Braccia and Voshell 2007) and fish 
abundance (Keller and Burnham 1982, reviewed in Fleischner 1994, Belsky et al. 1999, 
Binns 2004), thus it is reasonable to hypothesize that amphibians also may be impacted 
(Reaser 2000, Jansen and Healey 2003, Murphy et al. 2003, Knutson et al. 2004).  A few 
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studies have quantified the impacts of cattle on amphibians, and suggest that effects may 
be regional- and species-specific (Bull and Hayes 2000, Reaser 2000, Bull et al. 2001, 
Murphy et al. 2003).  For example, Reaser (2000) reported that cattle caused declines in 
Columbia spotted frog (Rana luteiventris) populations in Nevada, but two studies in 
Oregon noted that cattle grazing did not impact the abundance of this species (Bull and 
Hayes 2000, Bull et al. 2001).   Cattle are believed to have caused declines in the black 
toad (Bufo exsul) populations in California (Murphy et al. 2003), and Jansen and Healey 
(2003) reported a decrease in amphibian species diversity and abundance with increasing 
cattle grazing intensity in a riparian flood plain in Australia.  Knutson et al. (2004) found 
that cattle grazing in wetlands was associated with reduced reproductive success of some 
amphibians in Minnesota.  Collectively, these studies emphasize the importance of 
documenting regional effects of cattle and how these effects may differ among amphibian 
species.  Moreover, most research on the effects of cattle grazing has concentrated on the 
postmetamorphic amphibian community (Reaser 2000, Jansen and Healey 2003, Murphy 
et al. 2003), yet cattle could potentially have drastic effects on larval amphibians as well 
(Knutson et al. 2004).     
 It is well documented that cattle can negatively affect emergent vegetation 
(Healey et al. 1997, Jansen and Healey 2003, Foote and Hornung 2005) and water quality 
(Hooda et al. 2000, Line 2003, Davies-Colley et al. 2004) in wetlands, both of which are 
important components of larval amphibian habitat (Alford 1999).  Several researchers 
have documented a positive relationship between reduced shoreline vegetation and low 
species richness and abundance of adult amphibians (Hadden and Westbrooke 1996, 
Jansen and Healey 2003, Murphy et al. 2003), presumably by impacting breeding habitat 
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quality.  Thus, the larval community could be impacted indirectly by cattle reducing the 
number of suitable oviposition sites (Duellman and Treub 1999).  In addition, shoreline 
vegetation and associated detritus serve as a food resource for many anuran larvae and 
can afford protection from fish and aquatic insect predators (Duellman and Treub 1986, 
Alford 1999, Petranka and Kennedy 1999).   
Reductions in water quality can affect tadpole growth and survivorship (Boyer 
and Grue 1995, Ultsch et al. 1999, Laposata and Dunson 2000, de Solla et al. 2002).  In a 
review paper, Belsky et al. (1999) reported that cattle increased turbidity, water 
temperature, and nutrient concentrations in wetlands.  Line (2003) reported that 
excluding cattle from streams caused a decrease in water temperature, conductivity, and 
pH and an increase in dissolved oxygen, thus improving water quality.   Several 
controlled studies have reported that elevated levels of ammonia, nitrite, and nitrate can 
lead to reduced growth and body size in larval amphibians, and increase the number of 
malformations and mortality events (Baker and Waights 1993, Baker and Waights 1994, 
Jofre and Karasov 1999, Marco and Blaustein 1999, Marco et al. 1999, Smith et al. 
2004).  Thus, nitrogenous waste deposition by cattle in wetlands (Hooda et al. 2000) 
could negatively impact larval amphibians directly.  Elevated nitrogen from cattle 
excrement also could cause eutrophication in the aquatic environment (Carpenter et al. 
1998).  Eutrophication may negatively impact larval amphibians by reducing dissolved 
oxygen (Boyer and Grue 1995, Carpenter et al. 1998, Smith et al. 1999a, United States 
Department of Agriculture 1999).  Additionally, an increase in filamentous algae and 
periphyton, which is commonly associated with eutrophication, can cause trophic 
changes, resulting in shifts in invertebrate community composition (Bourassa and 
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Cattaneo 2000, Suren et al. 2003).  Aquatic invertebrates can be an important food 
resource for some larval amphibians (Petranka and Kennedy 1999), and can act as 
predators (Skelly and Werner 1990, Altwegg 2003).  Eutrophication also could impact 
fish populations, which are known amphibian predators (Bradford et al. 1993, Werner 
and McPeek 1994, Hecnar and M’Closkey 1996b, Smith et al. 1999b).  Thus, to 
completely understand the potential impacts of cattle on larval amphibians, it is important 
to quantify the abundance of these organisms simultaneously.     
  Most cattle grazing studies have focused primarily in the western United States 
(Buckhouse and Gifford 1976, Belsky et al. 1999, Pyke and Marty 2005, Loeser et al. 
2007) and along streams (Kauffman and Kruger 1984, Jansen and Robertson 2001, 
Jansen and Healey 2003, Line 2003, Davies-Colley et al. 2004).  No studies exist that 
have attempted to quantify the impacts of cattle grazing in wetlands on amphibians in the 
southeastern United States.  Compared to other regions of the United States, amphibian 
species richness is highest in the Southeast (Bailey et al. 2006).  Bailey et al. (2006) 
reported 44 and 84 extant anuran and salamander species, respectively, in the 
Southeast—over half (52%) which occur in Tennessee.  Moreover, farming is a common 
land use in Tennessee, accounting for approximately 40% of total land area (ca. 4.4 
million ha, Kenerson 2007), with average farm size equaling 53.6 ha (United States 
Department of Agriculture 2006).  Cattle production occurs on about 57% of Tennessee 
farmland (2.5 million ha, Kenerson 2006).  In 2006, there were around 48,000 cattle 
operations in Tennessee (United States Department of Agriculture 2006).  Tennessee 
ranks ninth in the nation in beef cattle inventory and fourteenth in total cow and calf 
production (Kenerson 2006).  The total value of cattle in Tennessee was $1.67 billion 
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dollars in 2005 (Kenerson 2006).  Farm ponds are also common on the Tennessee 
landscape, covering approximately 38,445 ha.  These ponds are important breeding sites 
for many amphibians, often representing the only available habitat on the landscape.  
Similar to other regions of the country, cattle are frequently given access to farm ponds 
and other wetlands in Tennessee to drink water and forage vegetation.      
 Given the economic importance of livestock in Tennessee, the diversity and 
abundance of Tennessee amphibians, the widespread coverage of farm ponds, and the 
lack of previous research, I believed it was necessary to rigorously evaluate the impacts 
of this common anthropogenic land use on larval amphibians residing in Tennessee 
wetlands.  I focused on larval amphibians because they represent the earliest stage of the 
life cycle, thus are the basic evolutionary unit of a population and fundamental to species 
persistence.  It has been reported that cattle can negatively affect wetland vegetation, 
water quality, and possibly resident amphibians (Reaser 2000, Jansen and Robertson 
2001, Murphy et al. 2003).  However, these previous studies were correlative in nature 
(i.e., as cattle density increased, amphibian abundance and richness decreased).  No 
replicated studies exist that have explicitly measured the influence of cattle on larval 
amphibians.  Moreover, no studies have attempted to quantify the ecological cofactors of 
cattle land use in the aquatic environment that may be responsible for driving amphibian 
responses to cattle.  Therefore, the objectives of my study were to determine the 
influences of cattle on: 1) larval amphibian species richness and abundance, 2) water 
quality, 3) macroscopic filamentous algae and detrital biomass, and 4) aquatic 





I conducted my study at the University of Tennessee Plateau Research and 
Education Center (PREC) on the Cumberland Plateau near Crossville, Tennessee (UTM 
Zone 16 [NAD27], 668310 E, 3987122 N, Figure 1 [Tables and Figures appear in the 
Appendix]).   I used seven wetlands at the PREC for my study: three with cattle access 
and four without cattle-access.  Non-access wetlands had not been exposed to direct cattle 
grazing for at least 10 years, whereas cattle were present in cattle-access wetlands for >10 
years.  Average cattle density at cattle-access wetlands during my study was 86 head per 
ha of wetland (Table 1).  The breed of cattle present at the PREC included Black Angus, 
Gelbvieh, and Balancer.  All study wetlands were permanently flooded with resident fish 
populations, and had emergent shoreline vegetation composed of cattail (Typha latifolia), 
rushes (Juncaceae), and sedges (Cyperaceae).  Wetlands were stocked with fish >10 years 
ago; however, no data exist on the initial stocking rates or fish species.     
My study initially began with eight wetlands, but I decided to remove one cattle-
access wetland, because of three confounding factors.  The first was associated with 
methods outlined in Chapter III, which prescribed collection of five tadpoles per wetland 
during three periods for two species (American bullfrog, Rana catesbeiana; green frog, 
Rana clamitans) for pathogen testing (see Chapter III, p. 68).  However, six and 20 
American bullfrog larvae were collected in February and June 2005, respectively, and 
nine and five green frog larvae were collected in June and October 2005 from this 
wetland.  Extra tadpoles were collected at this wetland, because it was shallower than all 
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other cattle-access wetlands, facilitating capture and achievement of the total target 
sample size for cattle-access wetlands (n = 20 total per sample period).  It was my 
observation that the disproportional removal of larvae from this wetland influenced the 
community structure.  For example, relative daily abundance was 4.8X and 16X greater 
before collecting than after collecting individuals for American bullfrog and green frog 
tadpoles, respectively.  In addition, American bullfrog tadpoles made up 69% of the 
captures in this wetland prior to Chapter III collection, but only 4% of capture 
composition afterwards.  The second potential confounding factor was differences in the 
predatory fish community.  Seine and dip net sampling that I performed indicated this 
wetland contained few predatory fish.  Finally, this wetland was geomorphically different 
than the rest of my study wetlands.  It was one-half the size (0.14 ha) and at least one-half 
the depth (<1 m) of all other wetlands.  Collectively, these factors represented 
uncontrollable nuisance variables that could not have been partitioned from the treatment 
effect in the analyses, possibly biasing my results and preventing meaningful 
interpretation of cattle land-use trends.       
Larval Amphibian Abundance and Richness 
Amphibian larvae were sampled twice per week (Monday and Thursday) in each 
wetland from 28 March – 26 August 2005 and 27 March – 25 August 2006.  Seines (1.2 
× 3.0 m) with a 0.48-cm mesh size and oval-shaped dip nets (39 × 42 cm, net depth = 61 
cm) were used for sampling.  The order of larval sampling among the eight wetlands was 
the same during a sampling event but this order was rotated sequentially among wetlands 
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between sampling events to randomly distribute potential bias associated with time of day 
and larval captures (Table 2).  Larval sampling occurred between 0800 – 1900 hours.     
Sampling locations were determined by dividing each wetland into four cardinal 
quadrants.  One quadrant and the opposing quadrant were randomly selected for seine net 
sampling (Figure 2).  In the remaining two quadrants, dip net sampling occurred.  This 
randomization increased the probability of capturing most larval species by spatially 
distributing sampling techniques throughout each wetland.  As mentioned, one seine net 
plot existed in two randomly selected opposing cardinal quadrants (e.g., NE and SW).  
For each quadrant, I randomly selected one of the cardinal directions (e.g., north and east 
for NE), and placed the seine net plot so it started 2.0 m from the random cardinal 
azimuth and extended into the quadrant (Figure 2).  Seine net plots were 3 × 10 m and 
positioned 2.0 m from and parallel to the shore (Figure 2).  Two individuals traversed the 
plot with the net for 7.0 m, then the individual closest to the shore anchored their post and 
the seine was swept in a quarter-haul motion until parallel to the shore.  Both individuals 
then walked toward the shore and gradually lifted the seine net out of the water at the 
shoreline.  Captured larvae were placed in a 3.8-liter bucket containing water from the 
wetland.  All larvae were counted and identified to species, with the exception of Bufo 
spp., which were identified to genus.  The first five larvae processed per species were 
measured (body length, BL, and total length, TL) and Gosner stage recorded (Gosner 
1960).  Additionally, any fish or aquatic invertebrates caught were identified and 
counted.  All organisms caught were released into the wetland at their approximate point 
of capture.  I categorized captured fish species and aquatic invertebrates as predators and 
non-predators or competitors of amphibian larvae based on available literature (e.g., Kats 
 15
et al. 1988, Werner and McPeek 1994, Baber and Babbitt 2003, Baber and Babbitt 2004 
Gunzburgur and Travis 2005).   
Dip net sampling occurred in the two remaining cardinal quadrants.  One of the 
quadrants was randomly selected and four azimuths within its boundaries randomly 
generated.  These azimuths passed through the center of the wetland into the opposing 
quadrant, and became my sampling transects (Figure 2).  Sampling transects were 4.5 m 
in length with dip netting sites at the shoreline and every 1.5 m thereafter.  The 1.5-m 
spacing helped to ensure statistical independence among sampling sites as disturbance 
from dip netting could have affected capture rates nearby.  In 2005, azimuths for dip net 
transects were completely randomly generated (Figure 2); however in 2006, I changed 
the randomization slightly because I was concerned that I was not sampling amphibian 
larvae habitat in some cases.  In ponds with fish, amphibian larvae usually do not use 
open water zones, because of the risk of predation (Diaz-Paniagua 1985).  Instead, they 
use areas with emergent shoreline vegetation, which function as refugia and usually are 
where food resources are concentrated (Diaz-Paniagua 1985).  Thus, in 2006, I randomly 
selected one of the dip net quadrants from 2005 and randomly generated new azimuths 
that were stratified in emergent vegetation microhabitats.  The location of azimuths in the 
opposing quadrant remained the same.  My primary concern with the completely 
randomized sampling design was that true differences in land uses may not have been 
detected, because transects often were randomly placed in non-habitat for tadpoles (i.e., 
deep, non-vegetated areas).  This also provided me with the opportunity to test for 
differences in larval abundance and richness between the two sampling designs (i.e., 
completely random vs. stratified random).    
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At each sampling site, I plunged the dip net directly to the left, front, and right of 
me.  Captured larvae were placed temporarily in a plastic bottle containing water from 
the wetland.  Larvae were returned to shore, processed as described previously for seine 
net sampling, and released at their approximate capture location. 
  I sampled one transect per quadrant and both seine net plots each day.  Because 
there were four transects per quadrant for dip netting, all transects were sampled every 
two weeks (i.e., 2 transects per week).  To start, one transect was randomly chosen and 
sampling proceeded clockwise during subsequent sampling events.  This ensured that the 
duration between sampling events for each transect was constant (2 weeks), which was 
necessary for analysis of repeated data and documentation of temporal trends in larval 
abundance (discussed later in statistical analyses).    
Macroscopic Filamentous Algae, Detritus and Aquatic Invertebrates 
Once per month, I also measured filamentous algae biomass, detritus biomass, 
and aquatic invertebrate abundance in each wetland, because presumably cattle could 
influence these communities, and thus, indirectly affect resident larval amphibians.  I 
sampled these variables at one randomly selected location in two opposing quadrants in 
each wetland.  Similar to dip net sampling, I randomly generated an azimuth each month 
that passed through the center of the wetland (Figure 2), and always sampled at a depth of 
0.5 m to ensure volume consistency.  I chose the 0.5-m depth because it was the 
approximate depth at which dip and seine netting occurred.  At each sampling location, a 
plastic circular garbage can with the bottom removed (0.25-m2 surface area) was placed 
in the water at 0.5-m depth, and all contents (algae, detritus, and invertebrates) collected 
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with a dip net.  The dip net was methodically swept from the top of the water column to 
the substrate multiple times to ensure all contents were collected.  I placed contents in 
plastic bags on ice and transported them to the University of Tennessee, where they were 
frozen until they could be sorted.   
I separated all algae and detritus from samples and placed them separately on 
sheets of pre-weighed aluminum foil.  Samples were dried at 80°C for 48 hours using a 
Yamato® oven (Model DKN900, Yamato Scientific American Inc., South San Francisco, 
California) in 2005 and a Precision Scientific Oven (Model 645-A, Precision Scientific, 
Winchester, Virginia) in 2006.  In addition, prior to drying, all aquatic invertebrates were 
removed from samples and identified to family, with the exception of leeches and worms, 
which were identified to class.  Similar to dip net sampling, I categorized aquatic 
invertebrates as predators and non-predators or competitors of amphibian larvae based on 
available literature (e.g., Werner and McPeek 1994).  Filamentous algae were identified 
to genus.  Voucher specimens of invertebrates were stored in 80% ethanol.  
Water Quality 
Because of the impacts that cattle can have on water quality and potential 
corresponding effects on amphibian larvae, I measured water quality every two weeks in 
each wetland.  I always sampled 2.5 m from shore along a cardinal azimuth, and rotated 
clockwise to the next cardinal azimuth each subsequent sampling period (Figure 2).  I 
used the 2.5-m distance because it was exactly the midpoint distance between the shore 
and the farthest point where larval sampling occurred (i.e., the outermost reach of the 
seine net).   
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I measured the following water quality variables: dissolved oxygen (mg/L), 
turbidity (FTU), specific conductivity (mS cm-1), pH, temperature (°C), ammonia 
nitrogen (ppm), nitrite (ppm), nitrate (ppm), and phosphate (ppm).  In 2005, sampling 
occurred during larval sampling (i.e., 0800 – 1900 hours).  In 2006, I changed the 
protocol to begin measuring water quality one hour before sunrise, because dissolved 
oxygen and temperature are lowest at this time (Allan 1995).  Due to this change in 
methodology, I only presented results for dissolved oxygen and temperature from 2006.  
Both years are presented for the other variables, because they are not known to fluctuate 
as drastically through the diel cycle.   
Dissolved oxygen, turbidity, and water samples for nutrients (discussed below) 
were taken at the surface, whereas pH, temperature, and specific conductivity were 
measured at the wetland bottom.  Due to the shallow depth where water samples were 
taken (<1 m), I assumed there was no stratification of water chemistry parameters.  
Specific conductivity, temperature, pH, and dissolved oxygen were measured using an 
YSI® probe (Yellow Spring Instrument [YSI], Yellow Springs, Ohio) and turbidity 
measured using a LaMotte® Smart2 colorimeter (LaMotte Company, Chestertown, 
Maryland).  Water samples that were collected were measured for ammonia nitrogen 
(0.00 – 4.00 mg/L), nitrite (0.00 – 1.25 mg/L), nitrate (0.0 – 60.0 mg/L) and phosphate 
(0.00 – 70.00 mg/L) also using the LaMotte® colorimeter.  An error occurred in the 2006 
nitrate measurements, thus those were excluded from the analyses.  Results for ammonia 
nitrogen were expressed as un-ionized ammonia (NH3) by multiplying ammonia nitrogen 
(NH3–N) by 1.2 (LaMotte 2004).  
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Statistical Analyses 
My response variables included species-specific abundance of amphibian larvae 
(number of individuals per species), larval species richness and diversity, larval body size 
(g and mm), fish abundance (number of individuals per species), filamentous algae 
biomass (g), detrital biomass (g), aquatic invertebrate abundance (number of individuals 
per taxa), aquatic invertebrate richness and diversity, and water quality (i.e., mg/L, FTU, 
mS cm-1,°C, and ppm).  Experimental units were wetlands (n = 3 access, n = 4 non-
access).  Data were collected for two years (2005 and 2006) and analyzed separately, 
because levels of years cannot be randomized.  I treated months as a repeated effect, 
because I was interested in documenting potential temporal trends within years in the 
response variables.  It was not reasonable to assume that samples taken within months at 
each wetland were independent; hence, I treated them as subsamples.  Thus, for those 
response variables with >1 sample per month or per wetland, I averaged across 
subsamples such that each response variable had only one value per wetland per month.   
For relative abundance of amphibian larvae and fish, samples were first averaged by 
method (seine and dip nets), added together, then averaged across days per wetland per 
month.  Water quality variables were averaged across the two sample events per month.  
Algae, detritus, and aquatic invertebrates were sampled once per month so averaging 
across days was unnecessary; however, I averaged between the two subsample plots per 
wetland.  I calculated the Shannon-Weiner index as an estimate of daily amphibian larvae 
diversity and monthly aquatic invertebrate diversity (Hair 1980).  Finally, for testing the 
difference in larval captures between completely randomized and stratified designs, it 
was not reasonable to assume that measurements within wetlands were independent.  I 
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considered these paired samples measured on the same experimental unit (i.e., the 
wetland, Zar 1999).  Thus, I created a new response variable as the difference between 
paired measurements within a wetland (Zar 1999).  Similar to other response variables, 
differences were averaged across days for one value per wetland per month.  Differences 
between designs were determined by testing if average difference equaled zero (Zar 
1999).    
I used a repeated measures analysis-of-variance with the error variance adjusted 
for subsampling and the Hunyh-Feldt correction to test for differences (α = 0.10) between 
cattle-access and land uses among months, for all response variables, except body size 
and data associated with comparing randomized and stratified designs (Zar 1999).  
Normality of response variables was tested using a Shapiro-Wilk W-test, and a non-
parametric Wilcoxon test was used if normality was violated.  If a difference was 
detected in the repeated month effect, post-hoc Tukey’s Honestly Significant Difference 
(HSD) multiple comparison test was performed to determine pairwise differences.  When 
an interaction between land-use and month effects occurred, analyses were separated by 
month for land use tests and by cattle land use for month tests (Zar 1999).   
Differences in body size (mass, body length, and total length) were tested between 
cattle land uses using an analysis-of-covariance (Zar 1999).  Gosner (1960) stage was 
used as the covariate, because larval body size is correlated with development (Altig and 
McDiarmid 1999).  I used a paired t-test to determine if differences existed in larval 
abundance between sample designs, and a Wilcoxon signed rank test if normality was 
violated (Zar 1999).   
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In addition to testing for the differences in my response variables between cattle 
land uses and among months, I was interested in determining which variables explained 
the greatest variation in amphibian larval abundance.  Thus, for each larval species with a 
mean relative daily abundance >1, I built a multiple linear regression model using 
stepwise selection (entry and stay α = 0.10, Myers 1990).  Possible explanatory variables 
for these models included: land-use type, cattle density, relative abundance of congeneric 
larvae, predatory and non-predatory fish species, predatory and non-predatory 
invertebrates species, water temperature (2006 only), dissolved oxygen (2006 only), pH, 
specific conductivity, turbidity, phosphate, un-ionized ammonia, nitrite, and nitrate (2005 
only).  I also used explanatory variables from a concurrent study (Burton 2007), which 
included vertical plant height, percent horizontal plant cover, percent vertical vegetative 
cover, and plant species richness.   For the final models, I presented un-standardized and 
standardized parameters (Myers 1990).  Un-standardized parameters can be used to 
predict species-specific relative abundance given values of explanatory variables in the 
model.  I used standardized estimates to interpret the magnitude and direction of the 
relationship between relative abundance and an explanatory variable.  I also presented 
variance inflation factors (VIF); values of VIFs > 10 were suggestive of multicollinearity.  
Finally, I provided overall and partial coefficients of determination for a measure of the 
variation explained in relative abundance by the final model and each significant 
explanatory variable, respectively (Freund and Littell 2000).  All statistical analyses were 
performed using the SAS® system (v. 9.1.). 
I chose a statistical significance level (α) of 0.10 for my analyses, because sample 
size for my study was small (i.e., n = 7 experimental units).  A small sample size can 
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reduce the probability of detecting meaningful statistical differences (Ott and Longnecker 
2001).  Power of a statistical test also is negatively related to the sample standard 
deviation, which increases with a smaller sample size (Ott and Longnecker 2001).  My 
intent with using α = 0.10 was to increase the likelihood of detecting meaningful cattle 
land-use and monthly trends.  I acknowledge that this level of significance implies that 
there is 10% chance that differences I detected truly did not exist (i.e., Type I error 
occurred).  Other natural resource studies have also used α = 0.10 (Tacha et al. 1982, 
Thompson et al. 1992, Stevens et al. 2003, Kaminski et al. 2006). 
Results 
Cattle Land-Use Effect 
 Mean larval abundance was different between cattle land uses for two of the 10 
captured amphibian species (Table 3).  Larvae abundance was 2.9X greater in non-access 
than in cattle-access wetlands for American bullfrog in 2005 and 5X greater for green 
frog in 2006 (Wilcoxon Z = 1.94, P = 0.05, Table 3).  No other differences were detected 
in larval abundance between land uses (Wilcoxon Z ≤ 1.61, P ≥ 0.11).  However, in 
general, larval abundance was greater in non-access wetlands for pickerel frog (R. 
palustris) and southern leopard frog (R. sphenocephala).  Species richness of amphibian 
larvae was 2.7X greater in non-access wetlands in 2006 (F1,5 = 4.99, P = 0.08, Table 4).  
No other differences were detected (F1,5 ≤ 3.24, P  ≥ 0.13, Table 4); however, in general, 
species diversity and richness were greater in non-access wetlands.  In 2005, larval 
populations in non-access wetlands were primarily composed of American bullfrogs 
(62%), whereas larval populations in cattle-access wetlands consisted mostly (73%) of 
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Bufo spp. (Figure 3a).  Similarly, in 2006, non-access wetland populations were 
composed mostly (81%) of American bullfrog larvae, but in cattle-access wetlands, 
species composition was more evenly distributed, with Bufo spp. still dominant (34%, 
Figure 3b).   
  Differences in mean body length, total length, and mass of amphibian larvae 
existed between cattle land uses for some species (Table 5).  For green frog tadpoles, 
mean body length, total length, and mass were 19.9%, 27.7%, and 63.5% greater in 
cattle-access wetlands, respectively (Wilcoxon Z  ≥ 3.42, P ≤ 0.001).  Similarly, body 
length, total length, and mass of pickerel frog tadpoles were 12%, 21%, and 42.4% 
greater in cattle-access wetlands, respectively (Wilcoxon Z ≥ 1.77, P ≤ 0.08).  
Additionally, body mass of American bullfrog tadpoles was 8.3X greater in cattle-access 
wetlands (Wilcoxon Z  > 2.00, P < 0.05).  In contrast, body length and total length of 
spring peeper (Pseudacris crucifer) tadpoles were 13.4% and 18.5% greater in non-
access wetlands, respectively (Wilcoxon Z  ≥ 1.77, P ≤ 0.08).  No other differences were 
detected between cattle land uses in larval body size metrics (Wilcoxon Z  ≤ 1.54, P ≥ 
0.12, Table 5).   
There also were differences in detrital and algal biomass between cattle land uses 
(Table 6).  Detrital biomass was 10.9X greater in non-access wetlands in 2006 (F1,5 = 
14.33, P = 0.01, Table 6).  In 2005, month and land-use effects interacted (F4,20 = 3.19, P 
= 0.09), thus analyses were separated by month.  In May, July, and August 2005, detrital 
biomass in non-access wetlands was 21.8X, 5.3X, and 9.9X greater than in access 
wetlands, respectively (F1,5 ≥ 5.25, P ≤ 0.07).  No differences were detected in 
filamentous algae biomass between land uses (Wilcoxon Z ≤ 1.05, P  ≥ 0.35); however, 
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in general, mean biomass of algae was greater in cattle-access than in non-access 
wetlands (Table 6).  Algae genera were evenly distributed between land-use types in 
2005 (Figure 4a).   In 2006, algae genera were primarily composed of Hydrodictyon 
(46%) in cattle-access wetlands, while Spirogyra (68%) was dominate in non-access 
wetlands (Figure 4b).   
Mean aquatic invertebrate abundance was different between cattle land uses for 
three of the 23 documented taxa (Tables 7 – 8).  I categorized the following aquatic 
invertebrates as predators of amphibian larvae: Belstomatidae, Coenagrionidae, 
Gomphidae, Hirudinea, Lestidae, and Libellulidae.  All remaining taxa were considered 
non-predators or competitors of amphibian larvae.  Abundance of Libellulidae was 1.8X 
and 5.2X greater in non-access wetlands in 2005 and 2006, respectively, and Oligochaete 
abundance was 4.9X greater in cattle-access in 2006 (Wilcoxon Z ≥ 1.65, P ≤ 0.10, 
Tables 7 – 8, respectively).  In 2005, month and cattle land-use effects interacted for 
Planorbidae; therefore, analyses were separated by month (F4,20 = 4.59, P = 0.008, Table 
7).  In April 2005, Planorbidae abundance in non-access wetlands was 4.1X greater than 
in access wetlands (Wilcoxon Z = -1.78, P = 0.07, Table 7).  No other differences existed 
in aquatic invertebrate abundance between land uses in 2005 or 2006 (Wilcoxon Z ≤ 1.61, 
P ≥ 0.11, Tables 7 – 8).  However, there was a general trend that aquatic invertebrate taxa 
had higher abundance in non-access wetlands, with the exception of Ceratopogonidae, 
Chironomidae, and non-predatory invertebrates (Table 7).  Total invertebrate abundance 
also followed this trend, but primarily were driven by chironomids in 2005 (Table 7).  In 
2006, aquatic invertebrate abundance was distributed more evenly between both land-use 
types (Table 8).   
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 Mean aquatic invertebrate diversity differed between cattle land uses in 2005; 
however, month and land-use effects interacted so analyses were performed by month 
(F4,20 = 2.26, P = 0.10, Table 9).  In April 2005, aquatic invertebrate diversity was 2.9X 
greater in non-access wetlands (F1,5  = 10.09, P = 0.02).  No other differences were 
detected between land uses in aquatic invertebrate diversity or richness in 2005 or 2006 
(F1,5  ≤ 1.17, P  ≥ 0.33), but there was a general trend that aquatic invertebrate richness 
was greatest in non-access wetlands (Table 9).   
 Mean fish abundance was different between cattle land uses for five of the eight 
documented species (Tables 10 – 11).  I categorized the following fish as predators of 
amphibian larvae: blue gill (Lepomis macrochirus), green sunfish (L. cyanellus), 
largemouth bass (Micropterus salmoides), and western mosquitofish (Gambusia affinis).  
Fish that were considered non-predators or competitors of amphibian larvae were golden 
shiner (Notemigonus crysoleucas), hatchling fish (i.e., young fish that could not be 
identified to species), redbreast sunfish (L. auritus), redear sunfish (L. microlophus), and 
channel catfish (Ictalurus punctatus).  In 2005, green sunfish abundance was 46.7X 
greater in cattle-access wetlands (Wilcoxon Z = 1.94, P = 0.05, Table 10).  Largemouth 
bass and redear sunfish in non-access wetlands were significantly greater than in access 
wetlands (Wilcoxon Z = -2.02, P = 0.04).  No differences were detected between cattle 
land uses for other fish species in 2005 (Wilcoxon Z ≤ 1.23, P  ≥ 0.22); however, in 
general, there was a trend that fish abundance was higher in non-access wetlands, with 
the exception of golden shiner, green sunfish, redbreast sunfish, and predatory fish 
abundance (Table 10).  In 2006, abundance of hatchling and non-predator fish was 5.5X 
and 3.6X greater in non-access wetlands, respectively (Wilcoxon Z = 1.94, P = 0.05, 
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Table 11).  Month and land-use effects interacted for green sunfish (F5,25 = 4.79, P = 
0.06, Table 11), so analyses were performed by month.  Green sunfish abundance was 
greater in cattle-access wetlands in May and June 2006 (Wilcoxon Z = 1.82, P = 0.07).  
Similar to 2005, largemouth bass and redear sunfish in non-access wetlands were 
significantly greater than in access wetlands (Wilcoxon Z = -2.02, P = 0.04).  No other 
differences were detected in fish abundance between cattle land uses in 2006 (Wilcoxon 
Z ≤ 1.59, P ≥ 0.11).  Similar to 2005, in general, fish abundance was higher in non-access 
wetlands, with the exception of channel catfish, golden shiner, and green sunfish (Table 
11).  In 2005, bluegill and hatchling fish composed most of the fish community (60% and 
37%, respectively) in non-access wetlands, whereas bluegill and green sunfish were 
dominant species in cattle-access wetlands (41% each, Figure 5a).  Similar trends existed 
in fish species composition between cattle land uses in 2006 (Figure 5b). 
 Several water quality variables were different between cattle-access and non-
access wetlands (Table 12).  Turbidity was 3.7X and 3.5X greater in cattle-access 
wetlands in 2005 and 2006, respectively (Wilcoxon Z = 1.94, P = 0.05).  Specific 
conductivity was 67.8% and 70.4% greater in cattle-access wetlands in 2005 and 2006, 
respectively (F1,5 ≥ 4.52, P ≤ 0.09).  Conversely, dissolved oxygen was 28.2% greater in 
non-access wetlands in 2006 (F1,5 = 9.44, P = 0.03).  No other significant differences 
were detected between land uses (F1,5 ≤ 2.83, P ≥ 0.15); however, in general, unionized 
ammonia, nitrite, and nitrate were greater in cattle-access wetlands (Table 12).  
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Month Effect 
Differences in monthly abundance existed for some larval amphibian species 
(Table 13).  In 2005, abundance of American bullfrog tadpoles was 12.8X and 32.8X 
greater in August than in April and May, respectively (F5,25 = 2.62, P = 0.09, Table 13).  
Green frog larval abundance was 6.6 – 19.7X greater in April than all other months, 
except May (F5,25 = 4.35, P = 0.07).  No other differences were detected in larval 
abundance among months in 2005 or 2006 (F5,25  ≤ 2.56, P ≥ 0.12, Table 13).  No 
differences also were detected among months for species richness and diversity of 
amphibian larvae (F5,25 ≤  2.06, P ≥ 0.15, Table 14).  Regarding monthly species 
composition in 2005, American bullfrog tadpoles composed 51 – 100% of the larval 
community in March, June, July, and August, whereas Bufo spp. chiefly composed the 
community in April (73%) and May (47%, Figure 6a).  In 2006, American bullfrog 
tadpoles composed 63 – 96% of the community in March, June, July, and August, while 
Bufo spp. again composed 73% of the community in April.  Spring peeper tadpoles 
composed 34% of the community in May 2006.  The highest species richness was in June 
both years (Figure 6b). 
 No differences were detected in algal and detrital biomass among months both 
years (F4,20 ≤ 2.37, P  ≥ 0.15, Table 15).  In non-access wetlands, mean abundance of 
Planorbidae in April was 4.4 – 7.3X greater than all other months (F4,15 = 9.18, P < 
0.001, Table 16).  No other differences were detected for aquatic invertebrate abundance 
among months in 2005 (F4,20 ≤ 2.42, P  ≥ 0.12, Table 16).  However, in 2006, monthly 
abundance was greater in May than in August for Libellulidae (F4,20 = 2.96, P = 0.08, 
Table 17).  The overall repeated-measures test suggested differences among months for 
 28
Sphaeriidae (F4,20 = 3.37 P = 0.07); however, no trends were detected with Tukey’s HSD 
comparisons.  No other differences were detected in aquatic invertebrate abundance 
among months in 2006 (F4,20 ≤ 2.28, P ≥ 0.11, Table 17). 
 Aquatic invertebrate richness was 81.8 – 90.5% greater in April than in June, 
July, and August, and it was 33.1% greater in April than in May 2005 (F4,20 = 3.05, P = 
0.04, Table 18).  In non-access wetlands, mean invertebrate diversity differed among 
months (F4,15 = 3.13, P = 0.05); however, no trends were detected with Tukey’s HSD 
comparisons.  No other differences were detected in aquatic invertebrate diversity among 
months in 2005 (F4,10 = 0.44, P = 0.78).  The overall repeated-measures test suggested 
that aquatic invertebrate diversity and richness differed among months in 2006 (F4,20 ≥ 
3.73, P ≤ 0.02); however, no trends were detected with Tukey’s HSD comparisons.  
There was a general trend that aquatic invertebrate diversity and richness were lowest in 
July and August 2006 (Table 18). 
  Mean fish abundance was different among months in 2005 and 2006.  In 2005, 
monthly abundance of non-predatory fish was 15X and 85.3X greater in August than in 
March and April, respectively (F5,25 = 3.01, P = 0.07, Table 19).  Similarly, abundance of 
hatchling fish was significantly greater in August than March and April 2005 (F5,25 = 
3.19, P = 0.07).  No differences existed in abundance among months for other fish 
species in 2005 (F5,25 ≤ 2.31, P  ≥ 0.16, Table 19).  Mean abundance of predatory fish and 
all fish species combined were 4.8 – 9.9X greater in July than in all other months, except 
August 2006 (F5,25 ≥ 5.98, P ≤ 0.03, Table 20).  The overall repeated measures test 
suggested that bluegill abundance differed among months in 2006 (F5,25 = 3.74, P = 
0.08); however, no trends were detected with Tukey’s HSD comparisons.  No differences 
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were detected among months for other fish species in 2006 (F5,25 ≤ 2.84, P  ≥ 0.13, Table 
20).  In general, bluegill made up 24 – 90% of the fish community among all months both 
years (Figure 7).  Hatchling fish also were relatively common, composing 23 – 38% of 
the fish community in May – August 2005 and 19 – 58% in June and July 2006.  Green 
sunfish also were present in all months both years (Figure 7).           
Water quality parameters significantly differed among months (Table 21).  In 
2005, nitrate was 55.9 – 72% lower in August than in all other months, except July (F5,25 
= 4.80, P = 0.02).  Mean dissolved oxygen was 1.7 – 2.6X greater in March than in all 
other months in 2006 (F5,25 = 29.35, P ≤ 0.001).  Mean water temperature was 1.2 – 2.3X 
greater in July and August than in all other months in 2006 (F5,25 = 169.39, P ≤ 0.001).  
The overall repeated measures test suggested differences among months for pH in 2005 
and turbidity in 2005 and 2006 (F5,25 ≥ 3.89, P ≤ 0.06), although no trends were found 
with Tukey’s HSD comparisons.  No other differences were detected in water quality 
variables among months (F5,25 ≤ 1.97,  P ≥ 0.14, Table 21).  
Regression Models 
 Significant variation in relative abundance was explained by explanatory 
variables for Bufo spp. and pickerel frog tadpoles in 2005 and American bullfrog, green 
frog, and pickerel frog tadpoles in 2006 (Table 22).  Turbidity was positively related and 
explained 95% of the variation in Bufo spp. abundance (F2,4 = 212.82, P < 0.001).  Un-
ionized ammonia explained 4.5% of the variation in Bufo spp. abundance and was 
negatively related.  Mean abundance of non-predatory fish was positively related and 
explained 73% of the variation in American bullfrog tadpole abundance (F1,5 = 13.80, P 
 30
= 0.014).  Specific conductivity and plant species richness explained 82% and 13% of the 
variation, respectively, in green frog abundance; the former variable was negatively 
related and the latter positively related (F2,4 = 36.14, P = 0.003).  Mean abundance of 
non-predatory fish and predatory fish explained 47% and 49% of the variation in pickerel 
frog tadpole abundance in 2005 and 2006, respectively (F1,5 < 4.72, P < 0.09); both 
variables were positively related with abundance (Table 22).  
Dip Net Randomization 
 Differences were detected in relative abundance between completely random and 
stratified designs for some larval species (Table 23).  Abundance of spring peeper, 
American bullfrog, and pickerel frog larvae in dipnet sweeps 2.3X, 3.8X, and 1.3X 
greater, respectively, at the stratified random location compared to completely random 
locations (Wilcoxon S ≥ -10.5, P ≤ 0.09).  Also, mean abundance of Bufo spp. was 
greater in the stratified design (Wilcoxon S = -11, P = 0.09).  No other differences were 
detected in larval captures between sampling designs (Wilcoxon S ≤ -10.5, P ≥ 0.11, 
Table 23).   
Discussion 
Cattle Land Use 
 Larval community response.—Larval amphibian species richness in non-access 
wetlands was greater than in cattle-access wetlands in 2006.  Although not statistically 
significant, the same trend existed for species richness in 2005 and for species diversity 
both years.  This is the first empirical evidence that cattle grazing in wetlands has 
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potential negative impacts on resident larval amphibian communities in Tennessee.  My 
results parallel research on postmetamorphic amphibians (Burton 2007).  Knuston et al. 
(2004) reported a trend toward lower species richness of breeding adult amphibians and 
decreased reproductive success in agricultural ponds exposed to cattle grazing.  Similarly, 
Jansen and Healey (2003) noted a decline in adult anuran species richness and abundance 
as grazing intensity increased in Australian wetlands.  They also reported that more 
species of anuran larvae were found in areas of low grazing intensity (Jansen and Healey 
2003).  Cattle also have been implicated in the decline of anurans in billabong habitats in 
Australia (Healey et al. 1997).  The influence of cattle on amphibians however may be 
species specific (Knutson et al. 2004). 
 Abundance of American bullfrog and green frog larvae was greater in non-access 
wetlands compared to cattle-access wetlands in 2005 and 2006, respectively.  This trend 
held true for the other respective years and was similar for other ranid species that I 
captured (i.e., pickerel frog and southern leopard frog).  Reaser (2000) speculated that a 
decrease in recruitment of spotted Columbia frogs (R. luteiventris) was due to cattle 
trampling their habitat in Nevada.  Bull and Hayes (2000) did not find a significant 
difference in the number of spotted Columbia frog metamorphs between cattle-access and 
non-access ponds in Oregon, but in a subsequent study, associated the occurrence of this 
species with lower grazing intensity (Bull et al. 2001).  Knutson et al. (2004) reported 
that abundance of green frogs was not negatively correlated with cattle grazing, but this 
relationship existed for pickerel frogs and northern leopard frogs (R. pipiens).  They 
attributed differences in abundance of these species to reduced water quality and possibly 
land disturbance at cattle ponds (Knutson et al. 2004).  My results also revealed that 
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tadpoles of true toads (Bufo spp.) may not be negatively impacted by cattle.  Knutson et 
al. (2004) reported that American toads (Bufo americanus) did not appear to be 
significantly impacted by human land use.  Similarly, Bull et al. (2001) did not find any 
differences in larval abundance of the western toad (B. boreas) between grazed and 
ungrazed riparian habitats.  Thus, the influence of cattle appears to be species- or genera-
specific, and possibly varies by region.  Grazing intensity also may be a key factor, and 
contribute to some of the asynchronous results among the above studies and mine 
(discussed later).    
 Trends were likely observed in American bullfrog, green frog, and Bufo tadpoles, 
because they were most common in my study.  The lack of statistical significance found 
with other species does not imply the absence of a cattle land-use effect.  Less common 
tadpole species that I documented included northern cricket frog (Acris crepitans), 
Cope’s gray treefrog (Hyla chrysoscelis), spring peeper, common mudpuppy (Necturus 
maculosus), and eastern red-spotted newt (Notophthalmus viridescens) larvae.  Knutson 
et al. (2004) reported that reproductive success was higher for gray treefrog (H. 
versicolor) and spring peeper adults at ungrazed ponds compared to grazed ponds.  On 
the other hand, Bull et al. (2001) did not detect differences in larval abundance of the 
long-toed salamander (Ambystoma macrodactylum) or the Pacific treefrog (Pseudacris 
regilla) in grazed sites.  From my study, the impacts of cattle on less common species are 
unclear.  Certainly, additional research is needed, because these species are at the greatest 
risk of extinction.   
 Grazing intensity (i.e., number of head/ha) could be critical at determining the 
impacts of cattle.  Some studies have recommended use of cattle to improve quality of 
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amphibian habitat.  For example, Pyke and Marty (2005) documented that grazing was 
important for maintaining suitable habitat for the endangered California tiger salamander 
(Ambystoma californiense).  Recommended grazing intensity, however, was one animal 
unit (i.e., cow-calf pair) per 2.4 ha.  In contrast, the mean density of cattle in my study 
was 86 head/ha of wetland.  Unfortunately, other studies on cattle impacts in the United 
States have not reported grazing intensity (Bull and Hayes 2000, Reaser 2000, Bull et al. 
2001, Knutson et al. 2004).  It is reasonable to assume that a grazing intensity threshold 
exists where effects of cattle become negative for some amphibian species.  I think that 
future research should focus on identifying this threshold for common and uncommon 
species.   
Summary of possible mechanisms.—A myriad of environmental co-factors 
associated with cattle land use could be responsible for driving the changes that I 
observed in the larval amphibian community.  Unfortunately, because this was an 
uncontrolled field study, discerning the mechanisms driving my larval results are 
speculative.  Nonetheless, as outlined in my Introduction, several previous studies have 
documented how cattle can potentially influence aquatic and terrestrial habitats for 
amphibians.  These may include modifications in water quality (Belsky et al. 1999, Line 
2003), emergent vegetation (Trimble and Mendel 1995), and possibly detritus.  
Deposition of nitrogenous waste by cattle also can cause eutrophication (Boyer and Grue 
1995), which can cause cascading effects on tropic food webs (Carpenter et al. 1998), 
such as algal blooms (Wehr and Sheath 2003), and changes in aquatic invertebrate and 
fish community composition (Fleischner 1994, Belsky et al. 1999, Foote and Hornung 
2005, Braccia and Voshell 2007).  Both of these communities can function as predators 
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(Kats et al. 1988, Skelly and Werner 1990, Werner and McPeek 1994) and competitors 
(Brönmark et al. 1991, Morin et al. 1988) of amphibian larvae.  My results suggest that 
some of the aforementioned co-factors were influenced by cattle in my study wetlands.  
Discussions below include how cattle may have influenced these co-factors, and how 
differences between cattle-access and non-access wetlands may be contributing to 
changes in the larval community.   
Water quality.—Although statistical differences were not detected, all nitrogen 
compounds that I measured (un-ionized ammonia, nitrite, and nitrate) were elevated (5 – 
216%) in cattle-access wetlands.  This is not surprising given that cattle deposit 
nitrogenous waste in the form of feces and urine when grazing in wetlands (Hooda et al. 
2000).  A study between grazed and ungrazed pastures found that cattle increased NO3-N, 
NH4-N, and soluble phosphorus concentrations in runoff (Schepers et al. 1982).  Doran et 
al. (1981) reported ammonia concentrations between 0.24 − 2.81 mg/L in livestock 
runoff.  Mean levels of un-ionized ammonia, nitrite, and nitrate at my cattle-access 
wetlands were 0.55, 0.11, and 7.3 mg/L, respectively.  This trend is expected (i.e., nitrate 
greater than other compounds), because ammonia quickly reacts with water molecules to 
produce ammonium (NH4) and NH4 is oxidized by bacteria to produce nitrite (Mitsch and 
Gosselink 2000).  Nitrite also quickly oxidizes to nitrate by bacteria in the environment 
(Rouse et al. 1999, Mitsch and Gosselink 2000).  Nitrate is a more stable molecule than 
ammonia or nitrite, thus it persists in the environment longer and is observed at higher 
concentrations than the other molecules (Mitsch and Gosselink 2000).  
Toxicity of the nitrogen compounds increases in the order of nitrate, nitrite, and 
ammonia (Rouse et al. 1999).  Low concentrations of ammonia can be toxic to 
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amphibians.  In my study, ammonia in cattle-access wetlands was 0.5 and 0.6 mg/L in 
2005 and 2006, respectively.  Jofre and Karsov (1999) reported a decrease in growth and 
development and an increase in malformations in green frog larvae exposed to levels of 
ammonia that were >0.5 mg/L.  Rouse et al. (1999) summarized data suggesting sub-
lethal developmental effects on green frog and northern leopard frog larvae when nitrate 
was >2.5 mg/L.  In 2005, mean nitrate concentration was 7.3 mg/L in cattle-access 
wetlands, but mean levels were only slightly lower in non-access wetlands (6.9 mg/L).  
Marco et al. (1999) and Griffis-Kyle (2007) provided evidence that nitrite concentrations 
>2 mg/L could have lethal and sub-lethal effects on larval amphibians.  Mean nitrite 
levels were 0.07 and 0.14 mg/L in my cattle-access wetlands in 2005 and 2006, 
respectively.  Thus, I hypothesize that, if nitrogenous compounds had a direct negative 
effect on green frog and bullfrog tadpoles in cattle-access wetlands, it probably was a 
result of elevated ammonia or a combination of all compounds.  To my knowledge, lethal 
and sub-lethal effects of ammonia, nitrite, and nitrate levels have only been investigated 
singularly and not in combination. 
My results also suggest that Bufo tadpoles are potentially impacted less than 
ranids in cattle-access wetlands.  Past research has proposed that Bufo are affected less 
than ranids by nitrogenous compounds (Brodman et al. 2003, Houlahan and Findlay 
2003).  In fact, bufonid populations have been observed flourishing in high nutrient areas 
(Brodman et al. 2003).  In a control study, Jofre and Karasov (1999) reported that 
American toad tadpoles were not negatively affected by ammonia levels up to 0.9 mg/L.  
Thus, the trend towards higher nitrogen levels in cattle-access wetlands may have 
negatively impacted ranid tadpole populations but not the true toads.        
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 Specific conductivity was around 70% greater in cattle-access wetlands compared 
to non-access wetlands.  Conductivity is a measurement of the electrical current in water, 
which is positively related to the amount of total dissolved solids (Cole 1994).  Thus, 
cattle may increase conductivity indirectly in wetlands by increasing turbidity and 
nutrient molecules in the water column (United States Environmental Protection Agency 
1997).  Conductivity also is positively related to temperature (Cole 1994), which cattle 
can increase by defecation, destruction of canopy vegetation, and their own body heat 
(Belsky et al. 1999, Line 2003).  Line (2003) reported that conductivity decreased when 
cattle were excluded from a stream.  Thus, elevated specific conductivity in my cattle-
access wetlands may have been a result of increased water temperature, turbidity, and 
nutrient levels, all which were higher in cattle-access wetlands.  
Several studies have documented a negative relationship between specific 
conductivity and relative abundance of amphibians.  Laposata and Dunson (2000) found 
a negative correlation between the survival of larval Ambystoma maculatum and high 
specific conductivity.  Similarly, Knutson et al. (2004) provided habitat models for 
chorus frogs (Pseudacris spp.) and gray treefrogs that contained negative parameter 
estimates for specific conductivity.  A negative association between conductivity and 
rough-skinned newt and wood frog (R. sylvatica) abundance also has been reported 
(Glooschenko et al. 1992, Pearl et al. 2005).  Direct effects of specific conductivity on 
larval amphibians are unlikely but probably related to elevated nutrients, heavy metals, 
and turbidity, which increase electrical conductance in water (Cole 1994).     
Turbidity was around 3.5X greater in cattle-access wetlands both years.  Cattle 
can increase turbidity in wetlands by trampling vegetation and disturbing sediment 
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(Belsky et al. 1999, Line 2003, Knutson et al. 2004).  Cattle also can affect turbidity by 
adding organic matter to the water column through defecation.  I personally observed 
cattle frequently in large numbers cooling themselves and defecating in access wetlands 
during sampling.   
The potential effects of turbidity on tadpole populations are unclear, because 
wetlands they inhabit often are turbid.  Knutson et al. (2004) reported that high turbidity, 
nitrogen and phosphorus collectively contributed to reduced reproductive success in 
Minnesota amphibians.  Habitat models they presented for green frogs, spring peepers, 
and American toads had negative parameters for turbidity.  In my study, lower ranid 
populations were associated with the more turbid cattle-access wetlands, and Bufo 
tadpoles did not seem to be negatively affected.  Most research on the potential effects of 
turbidity on aquatic vertebrates has been done on fish.  Belsky et al. (1999) noted that 
increased levels of turbidity lowered dissolved oxygen levels by affecting photosynthesis 
and decreased foraging efficiency of fish larvae.  Fiksen et al. (2002) also found that high 
turbidity decreased the ability of predatory fish to forage on larval fish.  Similarly, high 
turbidity decreased the foraging success of the rosyside dace (Clinostomus funduloides, 
Zamor and Grossman 2007), which is known to feed on aquatic invertebrates, algae, and 
detritus (Etnier and Starnes 1993) similar to anuran larvae (Dickman 1968, Seale 1980, 
Petranka and Kennedy 1999).  Thus, high turbidity may have reduced the ability of ranid 
tadpoles to forage on aquatic invertebrates, filamentous algae, or periphyton.  Increased 
sediment in the water column also could have covered newly laid amphibian eggs, 
causing suffocation and decreased tadpole numbers.  Studies reviewed by Belsky et al. 
(1999) revealed that excessive sediment in water could suffocate fish embryos in riparian 
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systems.  If turbidity is a mechanism driving tadpole differences between cattle-access 
and non-access wetlands, I can only speculate that it has a greater effect on ranid than on 
Bufo tadpoles. 
 I also found that dissolved oxygen was 28% greater in non-access wetlands.  
Cattle indirectly impact dissolved oxygen by increasing water temperature, nutrient 
loading, and turbidity (Belsky et al. 1999).  Dissolved oxygen decreases with higher 
water temperatures because warm water does not absorb as much oxygen gas as cold 
water (Cole 1994).  Similarly, increases in nutrient loading and turbidity reduce the flow 
of oxygen through aquatic systems, thereby decreasing the overall dissolved oxygen that 
is available to organisms (Harrod and Theurer 2002).  In addition, cattle may induce 
eutrophic conditions in aquatic systems by introducing nutrients (Carpenter et al. 1998), 
which can result in oxygen deficits through an increase in biological respiration of 
aquatic plants and associated organisms (United States Department of Agriculture 1999).  
 Reduced dissolved oxygen can negatively influence growth and survival of 
aerobic organisms in aquatic systems (Cole 1994), and thus larval amphibians.  High 
dissolved oxygen was found to be positively related with amphibian species richness in 
Argentina wetlands (Peltzer and Lajmanovich 2004).  Werner and Glennemeier (1999) 
attributed a decrease in growth and survivorship of northern leopard frogs to lower 
dissolved oxygen in closed canopy wetlands.  Interestingly, most of the research that 
exists on North American species suggests that Bufo tadpoles are more sensitive to low 
dissolved oxygen than ranids (Noland and Ultsch 1981, Nie et al. 1999, Werner and 
Glennemeier 1999).  In my study wetlands, mean dissolved oxygen was 6.33 and 8.12 
mg/L in cattle-access and non-access wetlands, respectively.  Mann and Bidwell (2001) 
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suggested that the critical level of dissolved oxygen for four tadpole species, including 
one Bufo, was <2 mg/L.  Similarly, it has been documented that 10 – 14 day old 
European common frog (R. temporaria) larvae cannot survive in water with dissolved 
oxygen <2.3 mg/L (Costa 1960).  During this same study, tadpoles were not negatively 
affected by dissolved oxygen at 5.9 mg/L (Costa 1960).  Moore and Townsend (1998) 
documented that dissolved oxygen levels of 2.7 mg/L increased the frequency of surface 
breathing.  Thus, I hypothesize that lower dissolved oxygen in cattle-access wetlands 
most likely was not a mechanism driving differences in tadpole abundance, because mean 
levels were 6.33 mg/L.     
 In summary, cattle access increased specific conductivity, turbidity, and nitrogen 
compounds and decreased dissolved oxygen in my study wetlands.  Of these water 
quality variables, I believe that elevated NH3 and possibly turbidity likely had the greatest 
impacts.  In addition, all water quality variables could have had an additive effect on the 
larval community.  Indeed, controlled research is needed to test these hypotheses.      
 Detritus and algae.—Detrital biomass was 4X and 11X greater in cattle-access 
wetlands compared to non-access wetlands in 2005 and 2006, respectively.  This may 
have been a consequence of cattle grazing vegetation thus reducing litter fall in wetlands.  
In a concurrent study, Burton (2007) found that plant height, percent vertical structure, 
and horizontal cover of emergent vegetation was significantly less in cattle-access 
wetlands.  To my knowledge, no previous studies have measured differences in detritus 
between grazed and ungrazed wetlands.  However, it has been reported that cattle grazing 
can significantly reduce the amount of ground leaf litter (Popolizio et al. 1994, Green and 
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Kauffman 1995).  If cattle can reduce shoreline vegetation (Burton 2007) and leaf litter 
(Green and Kauffman 1995), this may have been the mechanism driving detritus trends.   
In my study, most ranid captures were buried within detritus.  Although I do not 
have data support this claim, this was not necessarily the case for Bufo tadpoles, which 
were frequently captured in areas devoid of shoreline vegetation and detritus.  Hero et al. 
(2001) suggested that detritus can be important escape cover from predators for anuran 
larvae.  Detrital cover may be less important for Bufo tadpoles, because controlled studies 
have suggested they are relatively unpalatable to vertebrate predators (Denton and 
Beebee 1991, Peterson and Blaustein 1992).  Thus, detritus may help contribute to the 
differences in tadpole communities between cattle-access and non-access wetlands.  
Detritus also is consumed by anuran larvae (Wassersug 1975) and aquatic invertebrates 
(Brinson et al. 1981, Rosemond et al. 2001, Voshell 2002), which serve as prey for some 
anuran larvae (Petranka and Kennedy 1999).  Ranid tadpoles are especially known to be 
macrophagous insectivores (Petranka and Kennedy 1999).  However, given that mean 
number of invertebrates was relatively similar between cattle-access and non-access, I am 
uncertain how detrital differences based on food resources alone could be driving 
differences in the tadpole community between land-use types. 
Although no significant differences were detected, mean algal biomass was 21% 
and 600% greater in cattle-access wetlands in 2005 and 2006, respectively.  Elevated 
nitrogen compounds in cattle-access wetlands may have contributed to greater biomass 
(Boyer and Grue 1995, Carpenter et al. 1998); however, one possible confounding factor 
exists.  Prior to my study, five hybrid grass carp (Ctenopharyngodon idella) were 
introduced into three non-access wetlands (J. Hitch, PREC, personal communication).  
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The presence of these herbivorous fish could have contributed to lower algal biomass in 
non-access wetlands (Etnier and Starnes 1993).  
Anuran larvae have been reported consuming numerous algal species seemingly 
indiscriminately (Dickman 1968, Seale 1980, Seale and Beckvar 1980, Johnson 1991, 
Pryor 2003).  Thus, one would hypothesize that algal-rich wetlands would positively 
affect tadpole populations, but this was not the case for ranids in cattle-access wetlands.  
Ingestion of algae species can be species-specific (Diaz-Paniagua 1985, Johnson 1991, 
Hoff et al. 1999) or based on oral disc morphology (Diaz-Paniagua 1985).  Alternatively, 
oxygen demands associated with the more eutrophied conditions in cattle-access wetlands 
could have negatively impacted ranid tadpoles, although as discussed previously, oxygen 
did not appear to reach critical thresholds during sampling.  I can only surmise that algal 
biomass probably was not a major driver influencing cattle land-use trends in tadpole 
abundance.     
There were two primary land-use trends in filamentous algae composition: 
Spirogyra tended to be more common in non-access wetlands, and Hydrodictyon was 
more prevalent in access wetlands.  Spirogyra is known to form communities in 
unenriched aquatic systems generally with low conductivity (Biggs 1996), which was the 
case in non-access wetlands.  On the other hand, Hydrodictyon is often found in areas 
that are high in nutrients from agricultural practices or industrial sewage (Canter-Lund 
and Lund 1995).  
Very little research has been conducted on the preferences of amphibian larvae for 
certain filamentous algal species (Kupferberg et al. 1994, Kupferberg 1997, Pryor 2003).  
Kupferberg et al. (1994) reported that the most beneficial algae for growth and 
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survivorship of Pacific tree frogs (Hyla regilla) were Cladophora and Zygnema.  
Mougeotia and Cladophora have been considered a preferred food source for foothill 
yellow-legged frog (R. boylii) and Pacific tree frog larvae (Kupferberg 1997).  Spirogyra 
belongs to the same order as Zygnema and Mougeotia.  Others have suggested though 
that Spirogyra may not be as nutritious as species such as Hydrodictyon, because 
epiphytic diatoms are known to be associated with the latter (Parra et al. 1984, 
Kupferberg et al. 1994).  Similar to biomass results, it is unclear whether algal 
composition was responsible for tadpole trends between cattle land uses.  I will note that 
a more thorough examination of the algal community differences between cattle-access 
and non-access wetlands is ongoing in the University of Tennessee Wetlands Program 
(G. Middleton, unpublished data).           
Aquatic invertebrates.—Aquatic invertebrate diversity was greater in non-access 
wetlands than in cattle-access wetlands during 2005.  Aquatic invertebrate richness also 
followed this trend during both years.  Aquatic invertebrate community metrics may have 
been negatively impacted in cattle-access wetlands due to lower water quality.  Braccia 
and Voshell (2007) noted that aquatic invertebrate diversity declined in a stream with 
increasing grazing intensity, which they speculated was due to differences in water 
quality.  In poor water quality systems, aquatic invertebrate communities often are 
dominated by a few taxa, such as oligochaetes and snails (Suren et al. 2003), which I 
found were more abundant on average in cattle-access wetlands in 2006.  Greater detrital 
biomass also may have positively influenced diversity by increasing niche dimensionality 
(Pianka 1999).  Detritus serves as a food source and cover for a variety of aquatic 
invertebrate species (Brinson et al. 1981, Rosemond et al. 2001, Voshell 2002).  In 
 43
addition, epiphytic diatoms attach to detritus, which is a food source for the scraping 
invertebrates (Tokeshi 1986).  Diversity was not greater in non-access wetlands in 2006 
likely due to the high number of chironomid larvae captured, which negatively impacted 
taxa evenness and reduced the Shannon-Weiner index.  
Mean abundance of skimmer dragonfly larvae (Libellulidae) was greater in non-
access wetlands than in cattle-access wetlands.  I speculate that this difference may have 
been a consequence of more shoreline vegetation and detritus at non-access wetlands.  
Foote and Hornung (2005) found that a reduction in shoreline vegetation height reduced 
oviposition sites for Libellulidae adults, which may have impacted abundance of their 
larvae.  Height and horizontal cover of vegetation was less at my cattle-access wetlands 
(Burton 2007).  Greater detritus also may have positively influenced skimmer dragonfly 
larval abundance by increasing number of invertebrate prey and hiding sites.  Dragonfly 
larvae are sit-and-wait predators (Werner and McPeek 1994).  Differences in Libellulidae 
abundance probably were not due to lower water quality, because this family is known to 
tolerate lower water quality, unlike other dragonfly families such as darner (Aeshnidae) 
and clubtail dragonfly larvae (Gomphidae, Voshell 2002).  Indeed, I only captured 
dragonfly larvae from the family Aeshnidae in non-access wetlands when dip-netting for 
amphibian larvae.  
Mean abundance of Planorbidae snails, including the two species Gyraulus 
deflectus and Helisoma anceps, was significantly greater in non-access wetlands but only 
in April 2005.  This may have occurred due to substrate preference and breeding cycles 
of a single captured planorbid species, Gyraulus deflectus (Harman 1972, Thorp and 
Covich 2001).  In 2006, mean abundance of Planorbidae snails were 5X greater in cattle-
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access wetlands, although statistical differences were not detected.  Pulmonate snails are 
less sensitive to poor water quality and can withstand lower dissolved oxygen levels 
(Voshell 2002).  Additionally, greater biomass of algae may have caused an increase in 
snail abundance.  Suren et al. (2003) reported an increase in pulmonate snail abundance 
with filamentous algae in nutrient-rich streams.    
Chironomids were the most abundant invertebrate taxa both years.  This is not 
surprising, because this family is the most abundant and diverse among aquatic 
invertebrates (Voshell 2002).  Indeed, other studies also have reported chironomids as the 
most abundant taxa in wetland and stream invertebrate communities (Power 1990, 
Lawrence and Gresens 2004, Braccia and Voshell 2007).  Although I did not test for the 
relationship, chironomid abundance was 4X greater in 2006 than in 2005.  This may have 
been related to phosphate levels, which are known to positively influence chironomid 
larval density (Lawrence and Gresens 2004, Rosemond et al. 2004).  Phosphate 
concentrations were higher in 2005 in cattle-access wetlands and slightly higher in 2006 
in non-access wetlands, which correspond with chironomid abundance trends. 
Greater abundance of aquatic invertebrates in 2006 was apparent for nearly all 
other taxa.  The same yearly trend also existed for taxa richness.  Yearly variation in 
aquatic invertebrate communities is common (McElravy et al. 1989).  This may have 
related to an increase in rainfall.  Total rainfall at PREC was 130.33 cm and 140.59 cm in 
2005 and 2006, respectively (J. Hitch, PREC, unpublished data).  Bêche et al. (2006) 
found that composition and abundance of aquatic invertebrates differed among seasons 
(spring and summer) due to rainfall.  Rainfall can increase dissolved oxygen, which can 
positively influence aquatic invertebrate taxa richness (Suren et al. 2003).  Unfortunately, 
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dissolved oxygen data that I collected during 2005 were not usable so yearly differences 
could not be compared.  Rainfall also can increase nutrient run-off, which can increase 
productivity in aquatic systems if toxic levels of nutrients are not exceeded.  Nitrogen and 
phosphorous levels were greater in 2006 than in 2005 across cattle land uses.  I can only 
speculate that slight increase in nutrients, and perhaps dissolved oxygen, between years 
may have contributed to the greater average abundance of invertebrates in 2006.       
Aquatic invertebrates that are not known to prey on larval amphibians, thus could 
be competitors, were grouped as other invertebrates in my analyses.  Studies have 
demonstrated competitive interactions of aquatic invertebrates and anuran larvae exist 
(Morin et al. 1988, Brönmark et al. 1991, Blaustein and Margalit 1994).  Many aquatic 
invertebrates feed on algae and detritus (Voshell 2002) similar to amphibian larvae (Seale 
1980, Kupferberg et al. 1994).  Morin et al. (1988) and Blaustein and Margalit (1994) 
both documented that aquatic invertebrate consumers reduced mean body mass of 
Fowler’s toad (Bufo fowleri), Pine Barrens treefrog (H. andersonii), and green toad (Bufo 
viridis) larvae.  
Abundance of aquatic invertebrate consumers, such as mayflies (Caenidae, 
Ephemeridae) and caddisflies (Polycentropodidae, Phryganeidae), were greater in non-
access wetlands.  Mayflies and caddisflies are known to be sensitive to water quality 
(Voshell 2002), which might explain why these invertebrates were not as abundant in 
cattle-access wetlands.  It is possible that these aquatic invertebrates competed with Bufo 
tadpoles more than ranid tadpoles, because ranids are known to shift to omnivorous 
feeding as competition for food resources increases (Newman 1992, Petranka and 
Kennedy 1999). 
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Aquatic invertebrates that I considered potential predators on amphibian larvae 
included dragonfly larvae (Libellulidae, Gomphidae), damselfly larvae (Coenagrionidae, 
Lestidae), giant water bugs (Belstomatidae), and leeches (Hirudinea, Werner and McPeek 
1994).  Mean total abundance of predatory invertebrates was not significantly different 
between cattle land uses.  As discussed earlier, abundance of skimmer dragonfly larvae 
was greater in non-access wetlands.  This was the only predatory invertebrate taxa whose 
abundance differed between cattle land uses.  Semlitsch (1990) reported that Libellulidae 
dragonfly larvae caused tail injury, and reduced body size and survival of gray treefrog 
tadpoles.  Werner and McPeek (1994) demonstrated that the number of American 
bullfrog and green frog tadpoles decreased in the presence of Aeshnidae dragonfly larvae, 
which they attributed to the high level of swimming activity of these tadpoles.  Wilbur 
and Fauth (1990) reported similar results for pickerel frog tadpoles.   
The potential vulnerability of ranid tadpoles to dragonfly larvae does not help 
explain the trend in larval relative abundance between land uses, because Libellulidae 
were more abundant in non-access wetlands.  However, Babbitt and Tanner (1998) 
argued that structural complexity afforded by submergent vegetation and detritus can 
reduce the probability of predation.  Thus, greater amounts of vegetation and detritus in 
non-access wetlands could have provided escape cover for small American bullfrog and 
green frog tadpoles until they attained a body size where capture efficiency of 
invertebrate predators decreased (Babbitt and Tanner 1998).  However, an increase in 
detritus could have had an opposite effect on Bufo larvae (Denton and Beebee 1997, 
Swart and Taylor 2004).  Swart and Taylor (2004) reported that more Woodhouse’s toad 
(B. woodhousei) tadpoles were consumed by giant water bugs (Belostoma lutarium) in 
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darker areas associated with more vegetative cover (Swart and Taylor 2004).  Denton and 
Beebee (1997) reported that western toad (B. boreas) larvae avoided vegetated areas to 
escape invertebrate predators, crowding instead in shallow water areas.     
Fish.—Bluegill and green sunfish were the most abundant fish species in my 
study wetlands.  Green sunfish were captured more often in cattle-access wetlands both 
years.  This fish is known to tolerate poor water quality (Etnier and Starnes 1993, 
Rasleigh 2004).  Further, green sunfish are known to out-compete bluegill and 
largemouth bass for food resources due to their aggressive nature (Etnier and Starnes 
1993).  Green sunfish prey on aquatic invertebrates and anuran larvae (Kats et al. 1988), 
thus possibly contributed to the observed trends in diversity and abundance of amphibian 
larvae and aquatic invertebrates in cattle-access wetlands.   
Abundance of hatchling fish was greater in non-access wetlands both years.  I 
believe most of these were bluegill.  Bluegill were very abundant in non-access wetlands.  
In addition, largemouth bass, western mosquitofish, and redear sunfish were captured 
only in non-access wetlands.  Greater water quality and shoreline vegetation in non-
access wetlands may have contributed to these trends.  Bluegill are known to use areas 
with abundant vegetation during all life stages and prefer areas with higher water quality 
(Carlander 1977, Etnier and Starnes 1993, Rasleigh 2004).  It is known that largemouth 
bass prefer clear water with abundant shoreline and submergent vegetation (Carlander 
1977).  Etnier and Starnes (1993) noted that the growth of redear sunfish was inhibited by 
turbidity, perhaps due to reduced efficiency in acquiring resources.  Golden shiners were 
captured most often in cattle-access wetlands, which is not surprising because this species 
is tolerant of poor water quality (Etnier and Starnes 1993).  Lastly, channel catfish are 
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regularly stocked in farm ponds and adaptable to various aquatic habitats (Etnier and 
Starnes 1993).   
Fish that I captured in my study, which have not been previously reported preying 
on anuran larvae thus could be competitors for aquatic invertebrate food resources 
included golden shiner, redbreast, redear sunfish, and channel catfish.  The abundance of 
non-predatory fish was not significantly different between cattle land uses, but was 
greater overall in non-access wetlands.  To my knowledge, no studies exist that have 
quantified competitive interactions between larval amphibians and the aforementioned 
fish species.    Yet, golden shiners consume filamentous algae, gastropods and various 
aquatic insects, whereas Lepomis spp. are known to consume aquatic invertebrates 
(Etnier and Starnes 1993).  Thus, it is reasonable to hypothesize these species could 
competitively interact.  Hatchlings frequently inhabit the same locations as tadpoles and 
consume similar food items (Etnier and Starnes 1993, Alford 1999).  Inasmuch as the 
abundance of non-predatory fish was greater in non-access wetlands, I surmise that fish 
competitive interactions probably did not drive ranid tadpole trends.   
 I considered the following fish captured in my study as predators of amphibian 
eggs and larvae: green sunfish (Kats et al. 1988, Werner and McPeek 1994), bluegill 
(Kats et al. 1988), largemouth bass (Gunzburgur and Travis 2005), and western 
mosquitofish (Baber and Babbitt 2003, Baber and Babbitt 2004).  The abundance of 
predatory fish was not significantly different between cattle land uses, but as noted 
previously, green sunfish abundance was greater in cattle-access wetlands.  The 
combination of less shoreline vegetation and detritus and greater green sunfish abundance 
in cattle-access wetlands may have contributed to a decrease in overall larval abundance.  
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Hecnar and M’Closkey (1996b) reported that amphibian species richness was 
significantly lower in ponds with predatory fish.  However, Werner and McPeek (1994) 
documented that American bullfrog tadpoles reached highest densities in ponds with 
green sunfish, perhaps due to the ability of green sunfish to reduce aquatic invertebrate 
predators and competitors of anuran larvae.  Hecnar and M’Closkey (1996b) reported that 
American bullfrog, green frog, pickerel frog, and American toad tadpoles were abundant 
in the presence of predatory fish due to their unpalatablity.  However, predatory fish 
could have directly driven the occurrence of Northern cricket frog, Cope’s gray treefrog, 
and spring peeper tadpoles ― palatable species that were not abundant in either land uses 
(Kats et al. 1988, Hecnar and M’Closkey 1996b).  I am uncertain if fish played a major 
role in structuring amphibian communities in cattle-access and non-access wetlands.  Due 
to the high variability in mean abundance of fish species and general lack of significant 
differences between cattle land uses, I suspect that the effect of fish on amphibian trends 
that I observed probably was minimal.      
Predictive models.—The regression models that I developed explained substantial 
variation in the relative abundance of some larval amphibian species in my study 
wetlands.  Coefficients of determination adjusted for the number of variables in the 
model ranged from 0.47 to 0.99.  Significant explanatory variables included ones related 
to water quality, shoreline vegetation, and fish populations.  Models were developed 
separately for 2005 and 2006, because of expected yearly variations in larval abundance 
and explanatory variables.  Below are discussions of the final models and the 
relationships between significant explanatory variables and species-specific relative 
abundance. 
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 Significant variation in relative abundance of Bufo tadpoles was explained by 
turbidity and un-ionized ammonia in 2005.  No explanatory variables were significant in 
2006.  Turbidity alone explained 94.6% of the variation in Bufo tadpole abundance.  The 
standardized parameter estimate for turbidity was 0.98, indicating a strong positive 
relationship.  Kolozsary and Swihart (1999) noted that American toads appeared to thrive 
in agricultural wetlands.  Agricultural wetlands often have high sedimentation and 
turbidity due to livestock activities or crop cultivation (Lou et al. 1999, Harrod and 
Theurer 2002).  Ammonia concentrations explained 4.5% of the variation in Bufo tadpole 
abundance, with a standardized parameter estimate of –0.21, suggesting a weak negative 
relationship.  All research that I have read suggests that toads tend to be tolerant of 
ammonia.  For example, Houlahan and Findlay (2003) reported that there was a strong 
positive association between American toad tadpoles and total Kjeldahl nitrogen 
concentrations.  Jofre and Karasov (1999) also reported that American toad tadpoles were 
not negatively influenced by ammonia levels up to 0.9 mg/L.  Nevertheless, there 
certainly exists an ammonia threshold where negative impacts on Bufo tadpole growth 
and survival can occur.  Additionally, a combination of other water quality variables, 
such as the presence of other nitrogenous compounds may have had a negative impact on 
Bufo tadpoles.  To my knowledge, studies have not investigated the effect of a 
combination of nitrogenous compounds on amphibian tadpoles.     
Forty-seven percent and 49% of the variation in relative abundance of pickerel 
frog tadpoles was explained by non-predatory and predatory fish abundance in 2005 and 
2006, respectively.  Standardized parameter estimates for non-predatory and predatory 
fish were 0.69 and 0.70, respectively, indicating a strong positive relationship.  Similarly, 
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73% of the variation in relative abundance of American bullfrog tadpoles in 2006 was 
explained by non-predatory fish abundance.  The standardized parameter estimate for fish 
abundance was 0.86, indicating a strong positive relationship.  I hypothesize that this 
relationship may be due to the negative impact that these fish have on predatory aquatic 
invertebrates.  Pickerel frog and American bullfrog tadpoles are vulnerable to predatory 
aquatic invertebrates such as predatory diving beetles and dragonfly larvae (Formanowicz 
and Brodie 1982, Wilbur and Fauth 1990, Werner and McPeek 1994).  As discussed, 
Werner and McPeek (1994) documented that a positive relationship existed between the 
abundance of American bullfrog tadpoles and green sunfish, which they believed to be a 
result of green sunfish predation on aquatic invertebrate predators.   
Significant variation in relative abundance of green frog tadpoles was explained 
by specific conductivity and species richness of shoreline vegetation in 2006.  No 
explanatory variables were significant in 2005.  Specific conductivity explained 81.5% of 
the variation in green frog tadpole abundance.  The standardized parameter estimate was 
–0.69, indicating a strong negative relationship.  It has been reported that high specific 
conductivity is negatively associated with amphibian species richness (Hecnar and 
M’Closkey 1996c, Babbitt et al. 2006).  A negative relationship with relative abundance 
of several amphibian species, especially ranids, also has been reported (Knutson et al. 
2004, Pearl et al. 2005).  As discussed earlier, this negative relationship is likely a result 
of other water quality variables, such as turbidity and nitrogen levels (Knutson et al. 
2004).  Previous studies (e.g., Jofre and Karasov 1999, Houlahan and Finlay 2003) have 
suggested that green frog tadpoles are negatively impacted by nitrogenous compounds.  
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Turbidity also may have negative impacts on egg survival and food acquisition (Belsky et 
al. 1999).   
Species richness of shoreline vegetation explained 13.2% of the variation in green 
frog tadpole abundance.  The standardized parameter estimate was 0.42, suggesting a 
moderate positive relationship.  To my knowledge, no studies have investigated the effect 
of emergent vegetation species richness on green frog larvae.  However, species richness 
of emergent vegetation may provide greater niche partitioning for larvae (Diaz-Paniagua 
1987).  Presence of shoreline vegetation is important to green frog tadpoles for resource 
acquisition and cover from predators (Warkentin 1992, Tarr and Babbitt 2002).  
Warkentin (1992) documented that most green frog tadpoles, regardless of body size, 
inhabited shoreline vegetation zones throughout the day.  It was hypothesized that the 
vegetated areas allowed green frog tadpoles to maximize their feeding rates unlike open 
areas where feeding rates were depressed (Warkentin 1992).  Tarr and Babbitt (2002) 
also captured green frog tadpoles in vegetated microhabitats.  In fact, they found that 
more structurally complex vegetation facilitated higher survival by reducing predation by 
aquatic invertebrates (i.e., giant water bugs and dragonfly larvae, Tarr and Babbitt 2002).   
Body size.—Mean body size for all ranid and Bufo tadpoles was greater in cattle-
access wetlands than in non-access wetlands.  Development is correlated with body size; 
thus, Gosner developmental stage was used as a covariate during analyses to partition any 
variation with growth from analyses.  Hence trends between land uses represent true 
effects and not developmental trends in larvae.  
Except for Bufo, these body size results follow a density-dependent trend (i.e., 
larger body size at lower relative abundance).  Several classic studies have reported 
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negative relationships between amphibian larval density and body size (Wilbur 1976, 
Wilbur 1977a, Wilber 1977b, Semlitsch and Caldwell 1982, Morin 1983, Wilbur 1984).  
Gray and Smith (2005) also reported density-dependent relationships with 
postmetamorphic amphibians.  It is hypothesized that low conspecific and congener 
density result in less competition for food resources (Wilbur 1976, Wilbur 1977a, Wilbur 
1977b), which may have been the case in cattle-access wetlands, allowing tadpoles to 
reach greater length and mass.   
Body size of toad tadpoles, however, did not follow a density-dependent trend.  
This may have been a consequence of a greater abundance of dragonfly larvae in non-
access wetlands.  Skelly and Werner (1990) reported that dragonfly predators reduced the 
size of American toads at metamorphosis because of a decrease in foraging activity 
(Skelly and Werner 1990).  Higher abundance of ranid tadpoles in non-access wetlands 
also may have caused greater inter-specific competition for food resources (Alford and 
Wilbur 1985).  Finally, perhaps larger ranid tadpoles elicited a predatory response from 
toad tadpoles (Petranka et al. 1994), resulting in less foraging activity and a smaller body 
size similar to studies with predatory aquatic invertebrates (Skelly and Werner 1990).  
Petranka et al. (1994) reported that wood frog (R. sylvatica) tadpoles preyed on American 
toad larvae.   
One tadpole species, the spring peeper, was significantly larger (body and total 
length) in non-access wetlands.  Difference in size may have been attributed to poor 
water quality in cattle-access wetlands.  Indeed, a study conducted with another hylid 
species (striped chorus frog, Pseudacris triseriata) found that higher concentrations of 
ammonium caused a decrease in growth and development (Gerlanc and Kaufman 2005).  
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Other studies have noted that the presence of spring peepers are negatively associated 
with conductivity, turbidity (Hecnar and M’Closkey 1996), nitrogen levels (Houlahan 
and Findlay 2003), and metals (Glooschenko et al. 1992), but these studies did not 
correlate abundance with body size.  Indeed, turbidity, specific conductivity, and 
ammonia levels were greater in cattle-access wetlands.  Further research is needed to 
investigate the effect of poor water quality on growth in spring peeper larvae.    
Monthly Trends 
 Most monthly trends in species-specific relative abundance of tadpoles could be 
attributed to the adult breeding cycle, except for those species (i.e., green frog, American 
bullfrog) that are known to overwinter (Duellman and Trueb 1994, Dodd 2004).  Other 
differences in monthly abundance were related to length of larval development.  In 
general, most hylids and bufonids develop more quickly than ranid larvae (Altig 1999).   
Adult American bullfrog and green frogs are known to breed from April through 
August in Tennessee (Dodd 2004).  At my study wetlands, Burton (2007) reported that 
adult males of these species began calling in April in 2005 and 2006.  Larval captures for 
these species were higher than other species in early spring (i.e., March and April) likely 
due to overwintering larvae.  Relative abundance of these species decreased slightly 
during May as larvae metamorphosed then increased during summer likely due to new 
hatchlings.  All other tadpole species were uncommon in March and April, increased in 
abundance during May and June, and decreased thereafter as individuals metamorphosed.  
Pitfall captures of postmetamorphs also followed this trend (Burton 2007).    
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Aquatic invertebrate richness was significantly greater in April than all other 
months except May.  The decrease in taxa richness through the summer may have been a 
consequence of aquatic invertebrate larvae emerging as adults (Voshell 2002) or perhaps 
due to increased predation from fish and amphibian larvae.  Planorbid snail abundance 
and dragonfly larval abundance was greatest in April in 2005 and May in 2006, 
respectively.  Odonate larvae are known to develop for up to two years and frequently 
emerge in spring through late fall (Voshell 2002).  There is also the possibility that 
dragonfly larvae emerged in June and July, resulting in lower observed abundance.  
Snails are known to breed in the spring, which could account for the greater abundance 
during April (Thorp and Covich 2001).  Predation by fish and other invertebrates also 
may have decreased snail abundance after April (Carlander 1977, Voshell 2002).    
Fish abundance tended to increase from March through August.  This likely was a 
result of fish spawning and growth.  This inference is reflected in the relative abundance 
of hatchlings.  Both years, no hatchlings were caught earlier in the field season (i.e., 
March and April), with abundance increasing 10 – 20X by August.   
Several water quality variables were different among months, which can be 
attributed to increasing temperature (Cole 1994), and perhaps increasing abundance of 
organisms in the wetland (Mitsch and Gosselink 2000).  In 2005, nitrate decreased over 
time and was lowest in August.  This likely was a consequence of increased plant growth 
in wetlands (Mitsch and Gosselink 2000).  Dissolved oxygen was greater in March than 
all other months.  This may have been a result of several factors including colder water 
holds more oxygen than warmer water, oxygen demand of organisms is less at lower 
temperatures due to lower metabolic rates (Cole 1994, Campbell et al. 2004), and fewer 
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organisms were present in wetlands during March.  Water temperature in my wetlands 
corresponded to the ambient temperature.  It differed among all months, except July and 
August, which had the highest temperatures.   
Dip Method Randomization 
 Relative abundance of larval amphibians was greater along stratified random 
transects for American bullfrog, spring peeper, pickerel frog, and toad tadpoles.  This is 
not surprising because most larval amphibians prefer vegetated habitats as they are sites 
of high food concentration and provide cover from predators (Diaz-Paniagua 1987).   
Interestingly, no toad tadpoles were captured in completely random plots and this may 
suggest that this genus was present more often in vegetated areas at my study sites.  
However, studies in the past have demonstrated that toad tadpoles prefer non-vegetated 
areas due to presence of aquatic invertebrates (Denton and Beebee 1997, Swart and 
Taylor 2007).  Indeed, more studies should investigate the preference of toad tadpoles 
and vegetated and non-vegetated areas.  Stratified random sampling has been 
recommended previously for quantifying relative abundance of tadpoles (Shaffer et al. 
1994).       
Conclusions and Conservation Implications 
I documented negative associations of larval amphibians with cattle use of 
wetlands.  In general, ranid tadpole abundance was greater in non-access wetlands 
whereas the abundance of the other common genus, Bufo, was not impacted by cattle 
presence.  Based on my review of the literature, I believe that elevated un-ionized 
ammonia (NH3) in cattle-access wetlands and greater detrital biomass in non-access 
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wetlands were primary mechanisms driving differences in the larval community.  Mean 
ammonia concentrations exceeded levels shown to negatively impact ranid tadpoles (>0.5 
mg/L), but were below levels known to negatively impact Bufo tadpoles (>0.9 mg/L, 
Jofre and Karasov 1999).  Levels of ammonia also may have interacted with other 
nitrogenous compounds (nitrite and nitrate) to induce sub-lethal and lethal effects on 
ranid tadpoles.   
Greater biomass of detritus in non-access wetlands likely provided more plant 
matter and invertebrate food resources for amphibian larvae (Wassersug 1975, Voshell 
2002).  The abundance of skimmer dragonfly larvae (Libellulidae) was greater in non-
access wetlands likely due to an increase in detrital biomass, which may have negatively 
impacted Bufo tadpoles (Denton and Beebee 1997, Swart and Taylor 2004).  Some 
research suggests that detritus serves as effective escape cover from insect predators for 
ranid tadpoles, but the opposite may occur for Bufo tadpoles.  Swart and Taylor (2004) 
reported that insect predation on Bufo larvae increased in darker vegetated areas.  Denton 
and Beebee (1997) also reported that toad tadpoles avoided vegetated areas to escape 
invertebrate predators.  In contrast, Babbitt and Tanner (1997) argued that structural 
complexity afforded by detritus provides escape cover for ranid tadpoles and reduces the 
probability of predation.      
One additional factor that may have contributed to lower green frog tadpole 
abundance in cattle-access wetlands is the Ranavirus, Frog virus 3 (FV3).  Gray et al. 
(2007a) reported that green frog tadpoles in my cattle-access wetlands were 3.9X more 
likely to be infected with FV3 than those inhabiting non-access wetlands.  Ranaviruses 
are known to cause lethal and sub-lethal effects in tadpoles (Converse and Green 2005), 
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and are associated with the majority of anuran die-offs in the United States (Green et al. 
2002).  In particular, Frog virus 3 has caused deaths in larval and postmetamorphic 
anurans in the wild, captivity, and laboratory studies (Carey et al. 2003a, Pearman et al. 
2004, Brunner et al. 2005, Miller et al. 2007).        
I measured several other factors that were different between cattle land uses that I 
believe contributed less to the observed larval trends.  Dissolved oxygen was lower in 
cattle-access wetlands, but did not reach levels documented to negatively impact 
tadpoles.  Water turbidity also was greater in cattle-access wetlands.  Suspended sediment 
has been reported to be a factor decreasing egg survival and foraging efficiency in fish 
populations (Belsky et al. 1999), but the effects of turbidity on amphibian eggs and larvae 
are poorly understood.  Given that tadpoles in temperate regions commonly inhabit lentic 
wetlands with turbid water (McDiarmid and Altig 1999), I suspect this factor was less 
important than other water quality variables.  I also documented that abundance of green 
sunfish in cattle-access wetlands was greater than in non-access wetlands.  Although 
green sunfish can prey on anuran eggs and larvae, several studies (e.g., Kats et al. 1988, 
Werner and McPeek 1994, Hecnar and M’Closkey 1996b) have suggested that they do 
not prefer to consume ranid tadpoles and may benefit them by reducing invertebrate 
competitors and predators.  Indeed, the predictive models that I developed for American 
bullfrog and pickerel frog tadpoles had fish abundance as a positively related explanatory 
variable.  Habitat models that I developed for Bufo and green frog tadpoles reinforce the 
positive and negative associations of these taxa, respectively, with poor water quality.   
In general, mean body size of larvae in cattle-access wetlands was greater than in 
non-access wetlands.  This size trend also occurred for postmetamorphs at my study 
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wetlands (Burton 2007).  I hypothesize that greater body size in cattle-access wetlands 
was a consequence of lower intra- and inter-specific competition for food resources, 
which has been hypothesized by others (e.g., Oldham 1985, Gray and Smith 2005) that 
found similar results in agricultural wetlands.  Body size is considered an important 
fitness parameter in amphibian populations, because several studies have demonstrated 
positive relationships with larval survival and postmetamorphic survival and reproduction 
(Wilbur 1984, Werner 1986, Semlitsch et al. 1988).  I did not estimate larval survival 
rates, but Burton (2007) found similar trends in relative abundance of metamorphs (e.g., 
green frogs 2 – 10X greater in non-access wetlands).  Thus, it appears that higher survival 
of larvae in non-access wetlands (as suggested by greater abundance) is maintained 
through metamorphosis.  Hence, a possible evolutionary advantage of a larger body size 
in cattle-access wetlands does not seem to transcend postmetamorphically.  
Given the possible negative impacts of cattle on ranid amphibians and potentially 
other amphibian species, I recommend that farmers should consider excluding these 
animals from wetland areas using electric or barbed wire fencing.  Most cattle are given 
access to wetlands for water, thus providing alternate sources such as well water 
distributed in solar powered wells or troughs may be necessary (Nader et al. 1998).  The 
U.S. Department of Agriculture (USDA) might consider this as a requirement to receive 
federal subsidies.  I also recommend that the USDA and the Tennessee Department of 
Agriculture consider adopting landowner initiatives or assistance programs for farmers to 
offset the cost of fence for excluding cattle from wetlands (National Resources 
Conservation Service 2005).   
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More research is needed to quantify the effect of cattle stocking density on larval 
and postmetamorphic amphibians.  It is reasonable to hypothesize that there is a cattle 
density threshold where negative impacts on ranid communities are not observed.  
Indeed, a negative relationship between cattle density, water quality, and species-specific 
amphibian abundance has been reported (Jansen and Healey 2003).  Hypothetically, 
cattle density could be managed in space and time.  For example, cattle could be rotated 
into fields with wetlands for shorter periods of time, and depending on the time of year, 
may have minimal impacts (Nader et al. 1998, Belsky et al. 1999).  Alternatively, cattle 
could be partially excluded from wetlands by fencing or the number of cattle reduced.  
Replicated studies are needed to quantify these effects on common and uncommon 
amphibians.  However, until these studies have been performed, I recommend that 
farmers exclude their cattle from wetlands entirely.  These studies are particularly 
important in the Southeast where amphibian diversity is high and cattle farming is 
















PATHOGENS ASSOCIATED WITH LARVAL AMPHIBIANS IN             
CATTLE-ACCESS AND NON-ACCESS WETLANDS 
Introduction 
 Various pathogens have been associated with amphibian declines throughout the 
world (Alford and Richards 1999, Daszak et al. 1999), such as Batrachochytrium 
dendrobatidis (chytridiomycosis; Lips 1999, Fellers et al. 2001), ranaviruses (Green et al. 
2002), parasites (Johnson et al. 1999), and various bacteria (Bradford 1991, Olson et al. 
1992, Carey et al. 1999).  Chytridiomycosis is a disease known to cause declines in 
pristine areas, such as the rainforests of Costa Rica and the Sierra Nevada Mountains in 
California (Lips 1999, Fellers et al. 2001), whereas Ranavirus outbreaks occur more 
often in human disturbed systems (Carey et al. 1999).  Ranaviruses have been implicated 
in the majority of reported mass mortality events in the United States (Green et al. 2002).  
Bacteria, such as Aeromonas hydrophila, also may invade secondarily following 
Ranavirus infections, and contribute to declines (Green et al. 2002).  Studies also have 
documented that A. hydrophila and Flavobacterium indologenes can potentially cause 
mortality without prior Ranavirus infection (Bradford 1991, Olson et al. 1992).  Further, 
the aforementioned pathogens may increase the susceptibility of amphibians to parasites 
by reducing immunocompetence (Poynton and Whitaker 2001).  The genus of parasitic 
trematode, Ribeiroia, can inhibit limb development in amphibian larvae, resulting in 
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malformations in metamorphosing amphibians that may decrease individual survival 
(Johnson et al. 1999).  
While chytridiomycosis is known to cause mortality in adult amphibians (Lips 
1999, Daszak et al. 1999), this disease is not known to be fatal in larval amphibians, but 
can have negative impacts on certain larval species (Blaustein et al. 2005).  Specifically, 
chytridiomycosis attacks the keratinized tissue on the oral disc of larval anurans, resulting 
occasionally in deformed mouthparts and loss of pigment in the jaw sheath and tooth 
rows (Converse and Green 2005).  Parris and Cornelius (2004) reported that deformed 
mouthparts associated with chytrid infections contributed to lower body mass at 
metamorphosis.  Also this study documented that gray treefrog and Fowler’s toad larvae 
achieved a smaller body size when infected with chytrid and raised together than when 
raised together in a pathogen-free environment, suggesting that chytrid infections may 
have competitive consequences (Parris and Cornelius 2004).  Further, it has been 
documented that predators, acting as a stressor, may increase the probability of infection 
(Parris and Beaudoin 2004).  Following metamorphosis, the fungus typically spreads to 
the recently keratinized skin of metamorphs and results in death for >90% of individuals 
of many species (Rachowicz and Vredenburg 2004, Converse and Green 2005).  
Chytridiomycosis causes death by inhibiting osmoregulation, creating toxic byproducts, 
or the combination of these two factors (Berger et al. 1998, Pessier et al. 1999).    
Unlike the chytrid fungus, ranaviruses are most lethal to amphibian larvae, with 
mortality events exceeding tens of thousands of individuals in a day (Converse and Green 
2005).  Ranavirus die-offs are normally seen with abundant and common larval species 
(Green et al. 2002), but this may be related to the likelihood of discovery.  This has led 
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some researchers to hypothesize that Ranavirus die-offs are primarily due to 
overcrowding (Green et al. 2002).  The gross clinical signs most commonly associated 
with Ranavirus infections include edema, hemorrhaging, and reddening of the ventral 
skin (Converse and Green 2005).  According to the International Committee on 
Taxonomy of Viruses, Frog virus 3 (FV3) is the type species for Ranavirus (Hyatt et al. 
2002).  Varying dosages of FV3 caused mortalities in Italian agile frog (Rana latastei) 
larvae (Pearman et al. 2004), and it has been documented in a mortality event of 
American bullfrog metamorphs in a Georgia aquaculture facility (Miller et al. 2007).  In 
addition, the occurrence of FV3 was noted in green frog and American bullfrog larvae at 
my study area (Gray et al. 2007a).  Ranaviruses, such as FV3, infect systemically and 
cause necrosis in the kidney (Robert et al. 2005), liver, spleen, and thymus (Miller et al. 
2007), which ultimately can result in death through organ dysfunction or failure (but most 
often renal failure, Robert et al. 2005).  Frog virus 3 is most likely transmitted to larvae 
by ingestion or through the gills (Converse and Green 2005), and this occurs through 
several mechanisms including intraspecific reservoirs (Brunner et al. 2004), consumption 
of infected larval carcasses (Pearman et al. 2004, Harp and Petranka 2006), or virus-
contaminated sediment and water (Harp and Petranka 2006).      
As aquatic organisms, amphibian larvae may come intact with pathogenic bacteria 
frequently with no negative impacts (Taylor et al. 2001).  However, stressors, such as 
overcrowding or toxins in the environment, can cause larvae to become more susceptible 
to opportunistic bacteria (Hubbard 1981, Brodkin et al. 1992, Carey et al. 1999, Green et 
al. 1999, Taylor et al. 2001).  For example, the bacteria Aeromonas hydrophila has been 
implicated in larval mortalities (Nyman 1986, Bradford 1991), but also has been 
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documented in healthy individuals (Hird et al. 1981).  Thus, this bacterium may not 
negatively affect amphibian larvae unless they are immunocompromised through a 
stressor in the environment or by primary infection of another pathogen.  The bacterium 
Aeromonas hydrophila has been implicated in adult amphibian mortality events (Hubbard 
1981, Bradford 1991), causing red-leg disease (Taylor et al. 2001).  However, red-leg 
disease also may be caused by other bacteria and ranaviruses (Cunningham et al. 1996, 
Taylor et al. 2001).  Other bacteria that have been documented as potential amphibian 
pathogens include Acinetobacter spp. (Worthylake and Hovingh 1989), A. lwoffi 
(Glorioso et al. 1974), Chryseobacterium indologenes (Glorioso et al. 1974, Mauel et al. 
2002), C. meningosepticum (Mauel et al. 2002), Pseudomonas fluorenscens (Glorioso et 
al. 1974), Edwardsiella tarda (Mauel et al. 2002), Flavobacterium spp. (Glorioso et al. 
1974, Green et al. 1999, Olson et al. 1992), P. aeruginosa (Glorioso et al. 1974), and 
Staphylococcus epidermis (Gibbs et al. 1996).   
 Larval and adult amphibian species are common hosts of many parasites (Bodri 
1994, Willette-Frahm et al. 1994, Poynton and Whitaker 2001), including but not limited 
to ciliated protozoans, flagellated protozoans, amoebae, microsporidia, nematodes, 
cestodes (Poynton and Whitaker 2001), and trematodes (Bodri 1994, Johnson et al. 
1999).  These parasites may be found in the skin, gills, gastrointestinal tract, or various 
other organs of the amphibian adult or larval host (Poynton and Whitaker 2001).  
Trematodes in the genus Ribeiroia have been documented as negatively impacting 
amphibians (Johnson et al. 2004).  This parasite has a complex life cycle, which includes 
waterbird, snail, and amphibian hosts.  Adult trematode worms, located in the esophagus 
of the primary host, produce eggs which are released into an aquatic system when the 
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host defecates.  Sunlight is believed to stimulate the eggs to hatch into mobile miracidia 
that penetrate the skin of planorbid snails and migrate toward the kidney and form a 
sporocyst called rediae. These rediae can migrate to the gonad of the snail and cause 
castration of the individual.  Finally, rediae produce a free-swimming stage called 
cercariae, which are defecated or burrow out of the snail (Johnson et al. 2004).   
 Most Ribeiroia cercariae encyst in the limb-bud region of amphibian larvae, 
which may mechanically or chemically inhibit normal limb development (Sessions and 
Ruth 1990).  The timing of infection during larval development determines whether the 
parasite causes death (i.e., pre-limb bud stage, stages 24 – 25; Gosner 1960), 
malformations (i.e., limb-bud stage, stages 27 – 28), or has no effect (i.e., post-limb bud 
stage, stages 31 – 33; Schotthoefer et al. 2003).  Gross malformations reduce mobility 
and increase probability of predation (Johnson et al. 2004).  Similar to bacterial 
infections, parasitic infections may be especially detrimental to larvae exposed to 
stressors (Bodri 1994, Poynton and Whitaker 2001), and may be secondary invaders.   
 A hypothesis behind the recent emergence of pathogens in amphibian 
populations is associated with environmental changes caused by humans (i.e., 
anthropogenic stressors).  Anthropogenic disturbances may induce physiological stress in 
amphibians, thereby compromising immunity and increasing pathogen prevalence in 
populations (Hubbard 1981, Brodkin et al. 1992, Bodri 1994, Carey et al. 1999, Green et 
al. 2002).  Cattle use of wetlands could function as an anthropogenic stressor.  Cattle can 
decrease overall water quality (Belsky et al. 1999, Line 2003) and increase nitrogenous 
wastes through defecation and urination (Hooda et al. 2000) in and around wetlands.  
Decreases in water quality (e.g., increases in ammonia concentrations and decreases in 
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dissolved oxygen) can negatively affect growth and survival of larval amphibians (Boyer 
and Grue 1999), and presumably induce stress.  Stress can be defined several ways.  I am 
defining stress as the process by which any change in the environment (abiotic or biotic) 
directly or indirectly elicits a response, physically or chemically, within an organism 
thereby impacting immune function and resulting in disease or death (Carey et al. 1999).  
Bacteria also may be introduced to aquatic systems through feces from cattle.  
Cattle are hosts of many human foodborne pathogens, such as Leptospira spp. (Shotts 
1981, Miller et al. 1991), Listeria monocytogenes (Nightingale et al. 2004), Salmonella 
spp. (Murray 1991), Escherichia coli (Mahon and Manuselis 1995, Sargeant et al. 2004), 
Mycobacterium paratuberculosis (Olsen et al. 2002), and Cryptosporidium spp. 
(O’Donoghue 1995, Olson et al. 2004).  It is possible that if cattle release these bacteria 
into aquatic systems during defecation, amphibians may function as spill-over reservoirs 
and transport them overland to other water systems, where uninfected cattle and humans 
may be exposed (Gray et al. 2007b).  These pathogens also may be transmitted to humans 
as a foodborne illness through beef consumption, causing reproductive and neurological 
disorders, or possibly mortality (Mahon and Manuselis 1995).     
Additionally, natural stressors, such as larval development and fluctuations in 
water temperature, may increase susceptibility of tadpoles to pathogens due to 
immunosuppression (Carey et al. 1999).  The larval immune system matures with 
development, but then is dismantled during metamorphosis as it is restructured for 
terrestrial life (Rollins-Smith 1998).  Thus, there are critical time periods during which 
amphibian larvae may be more susceptible to pathogens.  Maniero and Carey (1997) also 
noted that lower ambient temperature decreased immunocompetence in northern leopard 
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frogs through decreased proliferation of T lymphocytes and decreased serum 
complement.  Cold-induced stress also may explain why tiger salamander (Ambystoma 
tigrinum) larvae were more susceptible to infection by A. tigrinum virus (ATV) as water 
temperature was reduced in a controlled study (Rojas et al. 2005).                
 The objective of my study was to compare pathogen prevalence in two species of 
amphibian larvae (American bullfrog and green frog) inhabiting cattle-access and non-
access wetlands.  I hypothesized that cattle would reduce immunocompetence in larval 
amphibians by reducing water quality and thereby cause greater incidence of pathogens.  
I also hypothesized that natural stressors, such as water temperature, could influence 
pathogen prevalence (Maniero and Carey 1997).  Additionally, I hypothesized that 
bacteria and parasite prevalence would increase when individuals also were infected with 
FV3.  The information presented herein will enhance our understanding of whether 
allowing cattle access in wetlands increases pathogen prevalence in American bullfrog 
and green frog larval populations in Tennessee.  Additionally, due to the possibility of 
larvae being exposed to foodborne pathogens from infected cattle and functioning as 
spill-over reservoirs (Gray et al. 2007b), I thought it was important to survey whether 
these bacteria were found in amphibian larvae inhabiting my study wetlands.    
Methods 
Study Site and Organism 
My study was conducted at the Plateau Research and Education Center (PREC) 
on the Cumberland Plateau near Crossville, Tennessee (Chapter II, Figure 1).  The study 
organisms were American bullfrog and green frog, because these species were relatively 
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common at the PREC, and their larvae are known to overwinter (Dodd 2004).  I wanted 
to target overwintering larvae, because they are potentially exposed to pathogens for the 
greatest duration.  In addition, I also wanted to explore pathogen hypotheses related to 
changes in water temperature.  Larvae were collected opportunistically from eight PREC 
wetlands using seine and dip nets during three sample periods (15 February, 15 June, and 
14 October 2005), which corresponded to three temperate seasons (winter, summer, and 
autumn).  As it turned out, I did not capture any green frog tadpoles during the winter 
sampling period, so I was only able to make meaningful seasonal comparisons for 
American bullfrog tadpoles.  Four of my study wetlands had been exposed to cattle at a 
mean density 178 head per 0.1 ha of water for >10 years, whereas the other four wetlands 
had not been exposed to direct cattle grazing for at least 10 years.  All wetlands were in 
close proximity to each other (<0.4 km separation) and were similar in size (0.14 − 1.04 
ha).   
The target sample size was five larvae per species per wetland per sample period, 
so that 20 tadpoles would be collected per species per land use per period.  When the 
target sample was not met at a wetland, I collected additional larvae at a subsequent 
wetland in the same cattle land-use type to compensate for the difference.  Although 
tadpoles were collected from all wetlands, a larger percentage were collected from 
wetland 1 (Table 24).  I collected all larvae from non-access wetlands first, then sampling 
began in cattle-access wetlands.  Different waders and nets were used in each land-use 
type.  This sampling protocol was done to limit the likelihood of cross-contamination 
between land-use types.   
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I measured total length, body length and mass (g) of each captured individual in 
the field, except during the February sampling period, when all measurements were taken 
in the laboratory.  I also classified the developmental stage of each individual according 
to Gosner (1960).  Larvae were rinsed with sterile water and placed individually in 
numbered jars, then transported to the University of Tennessee.  Collected larvae were 
kept in the jars overnight for feces collection for a concurrent study with the Animal 
Science Department (Cissell 2006).  Larvae were humanely euthanized after 24 hours 
using benzocaine hydrochloride.  All collection and euthanasia procedures followed 
approved University of Tennessee Institutional Animal Care and Use Committee protocol 
#1421.       
Necropsy 
All necropsies were performed on a non-porous necropsy board, which was 
cleaned with 10% bleach solution before initiating necropsy and between individuals.  
All surgical instruments were sterilized prior to necropsy and reusable instruments were 
sterilized with Nolvasan chlorohexidine between each organism.  During necropsy, hands 
were always kept above the bench top so as not to introduce other bacteria.   All 
organisms from one wetland were processed before starting a different one, beginning 
with non-access wetlands then cattle-access wetlands to prevent cross-contamination.   
Prior to necropsies all gross changes were noted for each organism.   I was 
particularly looking at the oral disc for any sign of malformation or discoloration, which 
can indicate presence of Batrachochytrium dendrobatidis.  Additionally, I was looking 
for any petechial hemorrhaging, which could indicate infection by a Ranavirus or 
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Aeromonas hydrophila.  Further, any discoloration or flaking of the skin was recorded.  
Swabs were taken of the mouthparts and abdomen to document bacteria or fungi present 
on the outside of the body. 
After gross examination, a ventral midline incision was made from the lower jaw 
sheath to the vent.  Two sets of additional incisions were made: one set from the ventral 
midline to each inguinal region, and one set from the ventral midline at the cranial apex 
of the coelomic cavity to each axillary region.  The skin and peritoneum were reflected 
back to expose the coelomic cavity.  Tissues were collected for pathological testing from 
the brain, heart, skeletal muscle, skin, gills, spleen, liver, kidney, stomach, intestines, 
sinonasal cavity, and eye.  A partial set of tissues (lung, kidney, spleen, brain, intestines, 
stomach, and liver) along with an abdominal swab were collected for bacterial culture.  
The abdominal swab was collected to specifically culture for Listeria monocytogenes, 
Salmonella, and Escherichia coli, and sections of liver and kidney were put in media 
containing bovine serum albumen (BSA) to culture Leptospira spp.  Specimens for 
bacterial culture were refrigerated (4ºC) until pathogen testing.  A section of the intestine 
was collected and frozen (–20ºC) to test for Mycobacterium paratuberculosis.  Also, a 
subsample of all tissues was frozen (–20ºC) for viral testing, including virus isolation and 
Ranavirus Polymerase chain reaction (PCR).  Feces were collected and refrigerated for 
fecal parasite analysis, Cryptosporidium PCR, and electron microscopy.  The remainder 
of the tissue sections were placed either whole or sectioned into cassettes and fixed in 
10% buffered formalin.   All collected tissues were transported to UGA VDIL within 48 
hours of necropsy.  Pathogen testing (discussed below) was performed by the UGA VDIL 
faculty and staff.  Additionally, planorbid snails belonging to the genus Helisoma (i.e., a 
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known host of Ribeiroia) were collected from each wetland and sent alive to UGA VDIL 
for gross and histological examination for Ribeiroia rediae.  Details for all pathological 
tests are provided in Appendix II.   
Any parasites that were detected in the feces of American bullfrog and green frog 
larvae were classified as one of the following: amoeba, protozoan with cilia, coccidia, 
protozoan with flagella, or nematodes.  Anything else noted in the feces that were not 
classified as a parasite were classified as “other” organisms. (See Appendix II).   
Statistical Analyses 
I did not test for differences in prevalence of FV3 between cattle-access and non-
access wetlands, because this was part of a separate project (Gray et al. 2007a).  I did, 
however, test for differences (α = 0.05) in prevalence of Aeromonas hydrophila and dual 
infection of FV3 and A. hydrophila between cattle land uses and among sampling dates 
using logistic regression (Stokes et al. 2000).  An interaction term was included in the 
model to test for nonadditivity of land-use and sampling date main effects.  I used the 
likelihood ratio chi-square test statistic to determine if differences existed among main 
effect levels, unless the number of positive samples was <5.  In these cases, Fisher’s 
exact test statistic was used, because it is robust to low cell frequencies (Stokes et al. 
2000).  When the overall test was significant for sample periods, I used Z-tests for two 
proportions to test for pairwise differences in prevalence among seasons (Zar 1999).  I 
also used a z-test to test for differences in overall parasite prevalence, between cattle 
land-use types.  For this test, a positive sample was one containing renal myxosporidia, 
renal trematodes, liver metazoan, or any other parasite in the body, excluding ciliates in 
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the intestines or stomach.  I also tested for a difference in parasite prevalence between 
cattle land-uses for each parasite taxon.  A positive sample was one with at least one 
parasite present in the body.  In addition, I used z-tests for 2 proportions to test for 
differences in bacteria taxa and prevalence of histological changes between cattle-access 
and non-access wetlands.  I did not test for seasonal trends in parasite, bacteria, or 
histological change prevalence.  Lastly, I tested for the difference in median parasite load 
in the tadpole feces between cattle-access and non-access wetlands using a Wilcoxon 2-
sample test (Conover 1980).   All analyses were performed by tadpole species using the 
SAS® system (v.9.1) and Minitab® (v.14).  I used a significance level = 0.05 for 
analyses in this chapter (instead of α = 0.10 in Chapter II), because individuals were 
treated as experimental units of main effects, resulting in sample sizes per simple-effect 
level >30.    
Results 
A total of 80 green frog and 104 American bullfrog larvae were collected and 
used for viral, bacterial, and parasitological analyses.  The pathogens Batrachochytrium 
dendrobatidis, Cryptosporidium spp., Ribeiroia, Leptospira spp., Listeria 
monocytogenes, Salmonella spp., and Mycobacterium paratuberculosis were not detected 
in any specimens.  The following pathogens were found: a possible parvovirus; 
Ranavirus; various aerobic and anaerobic bacteria, including Aeromonas hydrophila; a 
yeast (Geotrichum spp.); and several parasites.  Additionally, histological changes were 
observed in many larvae.       
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As noted earlier, the Ranavirus that was detected was sequenced and determined 
to be FV3.  The GenBank Blast search (Appendix II) revealed a 100% identity with the 
FV3 capsid protein and FV3 complete genome.  Also, in a separate study, we found that 
prevalence of FV3 in cattle-access wetlands was greater than in non-access wetlands for 
green frog tadpoles (Gray et al. 2007a).  We also found that FV3 prevalence was greatest 
in tadpoles of both species during colder months, and that FV3 prevalence in American 
bullfrog tadpoles decreased as Gosner stage increased (Gray et al. 2007a).  In addition to 
FV3, a possible parvovirus was detected in one American bullfrog and two green frog 
tadpoles from cattle-access wetlands.  This virus was noted as a possible parvovirus 
because the virions were nonenveloped, icosahedral in shape, had single-stranded linear 
DNA, and was 18 – 26 nm in size.  Additionally, Parvoviruses are the only genera in this 
family (Parvoviridae) that are known to infect lower vertebrates (Essbauer and Ahne 
2001).  However, a PCR was not run on the infected tissue; thus, it was documented as a 
“possible” parvovirus.             
For A. hydrophila, land-use and sampling period effects interacted for green frog 
tadpoles (χ21 = 8.54, P = 0.004); therefore, analyses were separated by season for the 
land-use test and by land-use type for the season test (Figure 8).   Prevalence of A. 
hydrophila in cattle-access wetlands was 2X greater than in non-access wetlands in 
October (χ21 = 5.02, P = 0.03).  However in June, A. hydrophila prevalence in non-access 
wetlands was 3.5X greater than in cattle-access wetlands (χ21 = 3.75, P = 0.05).  Also, in 
cattle-access wetlands, prevalence of A. hydrophila in October was 7X greater than in 
June (χ21 = 16.40, P < 0.001).  There were no differences detected in A. hydrophila 
prevalence between months for non-access wetlands (χ21 < 0.001, P = 0.99, Figure 8).  
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For American bullfrog larvae, prevalence of A. hydrophila was not significantly different 
between cattle land uses (χ21 = 1.44, P = 0.23, Figure 9).   However, it was detected that 
A. hydrophila prevalence was greater in June and October when compared to February (Z 
≥ 2.65, P ≤ 0.008) for American bullfrog larvae (Figure 9).    
Regarding single versus dual infection by FV3 and A. hydrophila, differences 
were detected among FV3 only, A. hydrophila only, and dual-infection prevalence for 
American bullfrog tadpoles (χ22 = 34.18, P < 0.001, Figure 10).  Prevalence of FV3 only 
and A. hydrophila only infections was 10.7X and 7.7X greater than dual infection 
prevalence, respectively (Fisher’s P < 0.001).  No difference was detected between A. 
hydrophila and FV3 prevalence (Fisher’s P = 0.16).  Additionally, no differences were 
detected in A. hydrophila and FV3 prevalence among single and dual infection categories 
for green frog tadpoles (χ22 = 2.22, P = 0.33, Figure 10).  
A total of 59 bacteria taxa, other than A. hydrophila, were isolated from pooled 
internal surfaces (i.e., swabs and organs) and external surfaces of American bullfrog and 
green frog tadpoles (Table 25).  Prevalence of Pseudomonas spp. from internal surfaces 
was 2.2X greater in cattle-access wetlands than in non-access wetlands for American 
bullfrog tadpoles (Fisher’s P = 0.006).  Similarly, Chryseobacterium indologenes 
occurred in 12% of American bullfrog tadpoles collected from cattle-access wetlands, 
and never occurred in American bullfrog tadpoles captured from non-access wetlands 
(Fisher’s P = 0.009).  No other differences were detected in bacterial prevalence within 
internal organs between cattle land uses for American bullfrog tadpoles (Fisher’s P ≥ 
0.08).  Additionally, a yeast belonging to the genus Geotrichum, was cultured from an 
American bullfrog tadpole collected from a non-access wetland.  For green frog tadpoles, 
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prevalence of A. sobria cultured internally was 4X greater in cattle-access wetlands 
(Fisher’s P = 0.02).  In contrast, Vibrio spp. occurred in 23% of green frog tadpoles 
collected from non-access wetlands, and never occurred in green frog tadpoles captured 
from cattle-access wetlands (Fisher’s P = 0.002).  No other bacterial isolates were 
significantly different between cattle land uses for green frog tadpoles (Fisher’s P ≥ 0.15, 
Table 25).   
For external surfaces, prevalence of A. baumannii and Havfia alvei in cattle-
access wetlands was greater than in non-access wetlands for American bullfrog tadpoles 
(Fisher’s P ≤ 0.02, Table 25).  No other differences were detected in bacterial isolates 
between cattle land uses from the external surfaces of American bullfrog larvae (Fisher’s 
P ≥ 0.08).  For external surfaces of green frog larvae, prevalence of P. shigelloides in 
non-access wetlands was greater than in cattle-access wetlands (Fisher’s P < 0.001).  No 
other differences were detected between cattle land uses in bacteria prevalence cultured 
from the external surfaces of green frog tadpoles (Fisher’s P ≥ 0.06, Table 25).  
For overall parasite prevalence, land-use and sampling period effects interacted 
for American bullfrog tadpoles (χ21 = 2.92, P = 0.05); therefore, analyses were separated 
by season for the land-use test and by land-use type for the season test.  Within season 
tests revealed there was no difference in overall parasite prevalence between land uses for 
American bullfrog tadpoles (Fisher’s P ≥ 0.13, Figure 11).   However, within land-use 
tests revealed that parasite prevalence in June was 9X and 2.4X greater than in February 
in cattle-access and non-access wetlands, respectively (χ21 ≥ 10.18, P ≤ 0.001).  Parasite 
prevalence in June also was 2.1X greater than in October in non-access wetlands for 
American bullfrog larvae (χ21 = 7.48, P = 0.006, Figure 11).   
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Similarly, an interaction occurred between land-use and season effects for green 
frog tadpoles (χ21 = 7.51, P = 0.006, Figure 12).  In October, parasite prevalence in non-
access wetlands was 5.5X greater than in cattle-access wetlands (χ21 = 9.92, P = 0.001).  
No differences were detected between land-use types in June (χ21 = 0.48, P = 0.49).  In 
non-access wetlands, parasite prevalence was 2.2X greater in October than in June, while 
in cattle-access wetlands parasite prevalence was 3.5X greater in June than in October 
(χ21 ≥ 3.75, P ≤ 0.05, Figure 12).   
Parasite prevalence in tissues also was analyzed by the following categories: renal 
myxosporidia, renal trematodes, liver metazoa, ciliates in the stomach and intestines, and 
other parasites.  Prevalence of nematodes in the liver was greater in non-access wetlands 
than in cattle-access wetlands for American bullfrog tadpoles (Fisher’s P = 0.005, Table 
26).  No other differences were detected between cattle land uses (Fisher’s P ≥ 0.08 
Table 26).   
Regarding single versus dual infection by FV3 and parasites, differences were 
detected among FV3 only, parasites only, and dual-infection categories for American 
bullfrog tadpoles (χ22 = 17.16, P < 0.001, Figure 13).  Infection by parasites only was 
2.8X greater than dual infection by FV3 and parasites for American bullfrog tadpoles (Z 
= 4.14, P < 0.001).  Parasite prevalence also was 86% greater than FV3 only prevalence 
(Z = -2.81, P = 0.005).  No differences were detected between prevalence of FV3 and 
dual infection in American bullfrog tadpoles (Z = 1.30, P = 0.19).  Similar to American 
bullfrogs, it was documented that there were differences detected among FV3 only, 
parasites only, and dual-infection categories for green frog tadpoles (χ22 = 10.02, P = 
0.007, Figure 13).  Prevalence of FV3 only and parasite only infection was 3X and 3.2X 
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greater than dual infection, respectively (Z > 2.66, P ≤ 0.008).  No other differences were 
noted among single and dual parasite infection categories for green frog tadpoles (P ≥ 
0.85, Figure 13).     
Differences were detected in mean intensity of fecal parasites between cattle-
access and non-access wetlands for both tadpole species.  For American bullfrog 
tadpoles, mean intensity of amoeba parasites and non-parasites in the feces were 22X and 
28X greater in non-access wetlands, respectively (Wilcoxon Z ≥ 3.97, P < 0.001 Table 
27).  No additional significant differences were detected in fecal parasite intensity 
between cattle land uses for American bullfrog tadpoles (Wilcoxon Z ≤ 1.76, P ≥ 0.08).  
For green frog tadpoles, mean intensity of nematodes and protozoans with coccidia in 
cattle-access wetlands were 92% and 51% greater than in non-access wetlands, 
respectively (Wilcoxon Z ≥ 2.21, P ≤ 0.03).  Additionally, intensity of non-parasites in 
the feces was 2.7X greater in non-access wetlands (Wilcoxon Z = 1.93, P = 0.05).  No 
other differences were detected in parasite intensity between cattle land uses for green 
frog larvae (Wilcoxon Z ≤ 1.46, P ≥ 0.14, Table 27). 
Histological changes within organs were documented during this study.  These 
histological changes were noted in all organs in both tadpole species and included 
degenerative changes, lymphoid depletion, lymphoid aggregates, inflammatory cell 
infiltrates, granulomas, acinar atrophy, extramedullary hematopoiesis, parasites 
(including, myxosporidia), and pigmentation.  Degenerative changes were recorded as 
various types of cytoplasmic vacuolar degeneration or cytoplasmic eosinophilic droplets 
within the renal tubular epithelium.  Lymphoid depletion included loss of lymphocytes at 
varying quantities within the thymus and other lymphoid tissue.  Inflammatory cell 
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infiltrates consisted of the presence of heterophils, neutrophils, eosinophils, and 
lymphocytes outside of the vascular system and infiltrating the tissues, as well as the 
development of granulomas, which were noted separately.  Lymphoid aggregates also 
were noted when present.  Acinar atrophy signifies atrophy (primarily of zymogen 
granules) within the pancreas.  Extramedullary hematopoiesis is normal in young animals 
but was noted because it can increase during illness.  Additionally, the presence of 
parasites in the various organs, and specifically, myxosporidia within the kidneys was 
documented.  Finally, the presence of increased or aberrant pigmentation, as seen in 
irritation, was documented. 
  Several of the histological changes listed above were documented between cattle 
land-use types in both species.  For American bullfrog tadpoles, prevalence of 
degenerative changes in the liver were 2.1X greater in cattle-access wetlands (Z = 4.46, P 
< 0.001, Table 28).  In contrast, degenerative changes in the intestines and parasites in the 
liver were 2.2X and 16% greater in non-access wetlands (Z = -2.12, P < 0.03).  No other 
differences were detected in prevalence of histological changes in organs for American 
bullfrog tadpoles (Z ≤ 1.59, P ≥ 0.11).  For green frog tadpoles, prevalence of 
inflammatory cell infiltrates in the kidney were 2X greater in non-access wetlands 
compared to those collected at cattle-access wetlands (Z = -2.13, P = 0.03).  No other 
differences were detected in histological changes for green frog tadpoles (Z ≤ -1.81, P ≥ 
0.07, Table 28).  All histological changes occurring throughout the body were grouped 
into broader categories (χ29 = 8.61, P ≥ 0.47, Table 29).  I often found that a histological 
change (i.e., granulomas, lymphoid depletion) occurred in one or more organs; however, 
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no significant differences were documented between land uses for either tadpole species 
(χ29 = 8.61, P ≥ 0.47, Table 29).    
Discussion 
Aeromonas hydrophila 
Prevalence of A. hydrophila in green frog tadpoles was dependent on season and 
cattle land-use type.  In June, prevalence of A. hydrophila in non-access wetlands was 
greater than in cattle-access wetlands.   Although the mechanisms driving this trend are 
unknown, it may be related to larval and predator densities and bacterial growth.  Mean 
abundance of green frog tadpoles and fish were greatest during June and July (Chapter 
II).  In addition, green frog tadpole abundance was greater in non-access wetlands than in 
access wetlands.  This could have two possible effects: (1) increased stress due to 
competition and predation pressure, and (2) increased pathogen transmission by 
increasing contact probability.  Indeed, others have noted that stressors such as high 
abundance (i.e., crowding) and predation increases susceptibility to A. hydrophila (Dusi 
1949, Hubbard 1981, Nyman 1986).  Another possibility is increased presence of A. 
hydrophila during warmer months, although I am uncertain how this would have 
contributed to the observed land-use trend in June, considering water temperature was 
slightly greater in cattle-access wetlands (Chapter II).  Hazen (1979) reported an increase 
in A. hydrophila numbers in a reservoir from March through June.   
In October, prevalence of A. hydrophila was greater in cattle-access wetlands than 
in non-access wetlands for green frog tadpoles.  It is important to note that from June to 
October A. hydrophila prevalence stayed constant in non-access wetlands, whereas in 
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cattle-access wetlands, prevalence increased 7-fold.  This may be due to an interaction 
with poor water quality in cattle-access wetlands (Chapter II) and the seasonal decrease 
in water temperature, resulting in decreased immune function.  Maniero and Carey (1999) 
reported a rapid decline in T lymphocyte proliferation and serum complement activity 
when water temperature was reduced.  With fewer T cells available to signal B cells for 
production of immunoglobulins to attack pathogens, immune function would likely 
decrease.  Cold-induced immunosuppression in amphibians has been suggested by others 
(e.g., Carey et al. 1999, Raffel et al. 2006).  Forbes et al. (2004) also reported an increase 
in Aeromonas hydrophila prevalence in three ranid species during colder months.  Gray 
et al. (2007a) also found that green frog tadpoles were 3.4X more likely to be infected 
with FV3 in the fall than in summer.  Given that prevalence of A. hydrophila did not 
increase from June to October in non-access wetlands, I hypothesize that cold-induced 
stress interacts with anthropogenic stressors.  
Differences were not detected in prevalence of A. hydrophila between cattle land 
uses for American bullfrog tadpoles; however, differences were detected among seasons.   
American bullfrog tadpoles that were collected in February were not infected with A. 
hydrophila, and prevalence in June was 19% greater than in October.  Prevalence of A. 
hydrophila in American bullfrogs followed that documented by Hazen (1979).  Hazen 
(1979) observed that peak levels of A. hydrophila in a cooling reservoir occurred in 
March through June.  Thus, it appears that the prevalence of the bacteria in American 
bullfrog tadpoles was impacted by seasonal fluctuations in temperature and potentially 
increased stress due to competition and predation in the warmer month.  Interestingly, I 
did not find that prevalence of A. hydrophila was impacted by colder temperatures in this 
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species.  Forbes et al. (2004) documented a decrease in prevalence of A. hydrophila as 
temperatures increased in adult breeding American bullfrogs, green frogs and northern 
leopard frogs.  However, this particular study only sampled adult amphibians from April 
to June, and did not sample larvae.  Indeed, A. hydrophila prevalence may have decreased 
in breeding adults during the warmer months, as their exposure to the bacteria was 
reduced with less time spent in the water following breeding.  It is reasonable to assume 
that larval amphibians would be exposed to waterborne bacteria for longer durations in 
warmer months than breeding adults, which could increase the probability of infection.  
In the future, studies should investigate the impact of temperature and various stressors 
on A. hydrophila prevalence in multiple species of larval amphibians.       
   It is unknown if A. hydrophila could have been pathogenic to infected American 
bullfrog and green frog tadpoles, because larvae were euthanized upon capture.  
Histological examination of my collected tadpoles revealed that some individuals, from 
which A. hydrophila was cultured, had one or more of the following histological changes: 
lymphoid depletion in the thymus and spleen, degenerative changes in the kidney, 
inflammatory cells in the stomach and intestines, and granulomas in the spleen.  These 
pathological findings are suggestive of disease, although not pathopneumonic for a 
specific pathogen.  In contrast to my findings, Nyman (1986) documented necrotic 
dermatitis, severe lymphocytic dermatitis, and histiocytic epidermatitis in larval 
amphibians infected with A. hydrophila.  Additionally, clinical signs of emaciation 
(Nyman 1986), extensive hemorrhaging, or pale gills (Boyer et al. 1971) have been 
documented in tadpoles infected with A. hydrophila, but not in the tadpoles that I 
captured.  It should be noted though that Nyman (1986) and Boyer (et al. 1971) inspected 
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clinically morbid individuals, and the tadpoles that I collected were clinically normal.  
This bacterium is common among bacterial cultures from amphibians (Taylor et al. 
2001), and is more likely to cause serious illness or death when individuals are 
immunologically stressed (Faeh et al. 1999).   Thus, A. hydrophila may have resulted in 
serious illness in my captured individuals if they had experienced continual (i.e., chronic) 
stress.  Given I did not measure indicators of physiological stress (e.g., cortisol levels), it 
is difficult to know whether A. hydrophila would have been pathogenic.   
Many studies that have implicated A. hydrophila in mass mortality events have 
been scrutinized, primarily because it is difficult to determine whether the bacteria occurs 
naturally, invades postmortem, or acts as a secondary invader (Cunningham et al. 1996, 
Taylor et al. 2001, Green et al. 2002).  Indeed, Green et al. (2002) did not document any 
mass mortality events due to A. hydrophila from 1996 – 2001 in the United States.  
Additionally, he argued that events occurring before the 1990s were not supported 
histologically.  Studies have implicated A. hydrophila as a source of secondary infection, 
specifically to viral infection (Cunningham et al. 1996, Green et al. 2002).   
Other Isolated Bacteria 
Fifty-nine other bacteria taxa were isolated from collected American bullfrog and 
green frog tadpoles.  All these bacteria are known to occur naturally in water, soil, plants, 
or animals (Buchanan and Gibbons 1974, Starr et al. 1974a, Starr et al. 1974b, Igra-
Siegman et al. 1980, Balows et al. 1992a, Balows et al. 1992b, Palumbo 1993, Seifert et 
al. 1997, Murray et al. 2003).  Bacteria that are pathogenic to amphibians and have been 
isolated from larvae include: Acinetobacter lwoffi (Mauel et al. 2002), Chryseobacterium 
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indologenes (Mauel et al. 2002), C. meningosepticum (Mauel et al. 2002), Edwardsiella 
tarda (Green et al. 1999, Mauel et al. 2002), Flavobacterium spp. (Glorioso et al. 1974),  
Pseudomonas spp. (Glorioso et al. 1974), P. aeruginosa (Glorioso et al. 1974), P. 
fluorenscens (Glorioso et al. 1974), P. fluorenscens-putida (P. putida; Glorioso et al. 
1974), and Staphylococcus epidermis (Gibbs 1966).  Also, Acinetobacter spp., 
Aeromonas sobria, Chryseobacterium spp., P. alcaligenes, P. mendocina, and P. stutzeri 
could be pathogenic to amphibians, because they occur in the same genus as known 
pathogenic bacteria (Glorioso et al 1974, Taylor et al. 2001, Mauel et al. 2002).  Overall, 
few differences were detected in the prevalence of bacteria considered pathogenic to 
tadpoles between cattle land uses.  Some potentially meaningful trends are discussed 
below. 
Internal bacteria.—Prevalence of C. indologenes and Pseudomonas spp. were 
significantly greater in cattle-access wetlands for American bullfrog tadpoles.  These two 
species have been isolated from adult American bullfrogs in past studies (Glorioso et al. 
1974, Carr et al. 1976, Mauel et al. 2002), they are found worldwide in soil, plants, and 
water (Murray et al. 2003), and may be pathogenic to amphibians (Glorioso et al. 1974, 
Mauel et al. 2002).   Histological examination of individuals infected with C. indologenes 
revealed that all had lymphoid aggregates in the liver, eosinophilic droplets in the kidney, 
and inflammatory cell infiltrates in the stomach and intestines.  Additionally, four of the 
five individuals had lymphoid depletion in the thymus.  Lymphoid aggregates within the 
liver may suggest possible immunological stimulation in response to an infection or be an 
incidental finding.  Inflammatory cells are consistent with a response to infection, such as 
from foreign agents in the body.  Leukocytes, such as eosinophils and basophils, are 
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known to moderate inflammatory processes (Junqueira et al. 1995), and macrophages are 
involved in the destruction of antigens, such as bacteria and viruses, that invade the 
system (Guyton and Hall 2000).  Eosinophilic droplets in the kidney represent 
degenerative changes within the body, which may be due to the presence of offending 
agents, such as bacteria.   
Other potential pathogens isolated from specimens infected with C. indologenes 
included Pseudomonas spp. (three individuals), A. sobria (two individuals), A. 
hydrophila (one individuals), and the virus FV3 (one individual).  This latter finding is of 
particular interest, because it has been suggested that viruses may suppress the immune 
system so that opportunistic bacteria can infect and become pathogenic (Cunningham et 
al. 1996).  Similarly, other studies have documented >1 species of pathogenic bacteria 
invading a host simultaneously (Glorioso et al. 1974, Carr et al. 1976, Cunningham et al. 
1996, Mauel et al. 2002).  Thus, it is possible that C. indologenes was responsible for the 
aforementioned pathological changes by acting synergistically with other bacteria or 
invading secondarily because the immune system was suppressed.  Indeed, Mauel et al. 
(2002) implicated C. indologenes as one of seven pathogenic bacteria responsible for 
causing a bacterial sepsis infection in farm-raised adult American bullfrogs.  Mauel et al. 
(2002) implicated stress from poor water quality, overcrowding, and bad husbandry 
practices as factors driving bacterial infections.  A decrease in water quality in cattle-
access wetlands (Chapter II) may have induced stress and led to increased infection by C. 
indologenes.   
The bacterium Pseudomonas also may have induced pathological changes in 
American bullfrog larvae.  This bacteria has been isolated previously from the intestines 
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of recently metamorphosed American bullfrogs (Carr 1976), and it has been claimed to 
be pathogenic in bullfrogs (Glorioso et al. 1974).  Histological examination of 13 larvae 
infected with Pseudomonas spp. revealed that 46% had mild to moderate lymphoid 
depletion in the thymus, all had parasitic myxosporidia and eosinophilic droplets in the 
kidney, 31% had mild to moderate lymphoid depletion in the spleen, 69% had lipidosis in 
the liver, 77% had lymphoid aggregates in the liver, and 92% had inflammatory cell 
infiltrates in the stomach and intestines.  Similarly, Mauel et al. (2002) noted increased 
numbers of monocytes and lymphocytes in the liver and kidneys in adult American 
bullfrogs infected with bacterial pathogens.  The increase in lymphoid aggregates in the 
liver may be due to infection by pathogenic bacteria.  Again, the presence of lymphoid 
aggregates may be in response to infection or an incidental finding.   
Similar pathological changes also were noted in my study for those infected with 
C. indologenes.  This pathogen has been implicated in bacterial sepsis infections of 
American bullfrogs (Mauel et al. 2002).  Heavy myxosporidia infection also was found in 
the kidneys.  The increase in parasites may have been induced by a decrease in immune 
function caused by the presence of bacteria and virus (Poynton and Whitaker 2001).  
Three of the American bullfrogs that I collected had granulomas in the liver.  This may 
indicate invading bacteria, parasites, viruses, or other agents (Junqueira et al. 1995).  
Other pathogens isolated from bullfrog tadpoles co-infected with Pseudomonas bacteria 
included A. hydrophila (five individuals), A. sobria (four individuals), C. indologenes 
(three individuals), and FV3 (three individuals).   
 The bacteria Aeromonas sobria was found to be more prevalent in green frog 
tadpoles inhabiting cattle-access wetlands.  Similar to other species of Aeromonas, A. 
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sobria may negatively impact larval populations during periods of increased stress 
(Taylor et al. 2001).  This bacterium is common in aquatic environments (Palumbo 
1993), has been isolated from amphibians (Taylor et al. 2001), and is known to be 
pathogenic to fish (Cahill 1990).  It is unknown if this species is pathogenic to 
amphibians.  Pathological changes were noted in green frog tadpoles infected with A. 
sobria; however, it is unknown whether this bacterium caused changes, because co-
infections with other pathogenic bacteria and FV3 often were noted.  In particular, the 
following pathogens were isolated from the tissues of the 12 A. sobria-infected 
specimens: A. hydrophila (three individuals), A. baumannii (three individuals), P. 
fluorenscens (three individuals), P. aeruginosa (one individual), and FV3 (seven 
individuals).  Histological examination revealed that 50% of individuals had lymphoid 
aggregates in the liver, 17% had granulomas in the liver, 33% had eosinophilic droplets 
in the kidney, 17% had granulomas that contained trematodes, all had inflammatory cells 
in the stomach and intestines, and 17% had acinar depletion in the pancreas.  These 
pathological changes can be associated with disease (Guyton and Hall 2000).  
Additionally, similar to other Aeromonas bacteria, A. sobria contains virulence factors, 
such as hemolysin (Cahill 1990), which can aid in the destruction of red blood cells 
(Guyton and Hal 2000).  The presence of this potentially opportunistic bacterium may be 
fatal to larvae if the immune system has been suppressed by other infectious agents, such 
as FV3.  Gray et al. (2007a) reported that green frog tadpoles were more likely to be 
infected with FV3 in cattle-access wetlands, which they attributed to poor water quality.  
Although not statistically significant, A. sobria tended also to be more prevalent in 
American bullfrog larvae in cattle-access wetlands.  Future controlled studies should 
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investigate the pathogenic effect of A. sobria in green frog and American bullfrog larvae 
exposed to anthropogenic and natural stressors.    
The bacteria Vibrio spp. were isolated more often in green frog tadpoles 
inhabiting non-access wetlands.  This genus is common in aquatic environments (Starr et 
al. 1981b, Balows et al. 1992a), and has been isolated from amphibians (Taylor et al. 
2001), specifically from the blood of American bullfrogs (Glorioso et al. 1974).  Given 
American bullfrogs and green frogs have similar life histories, it is not surprising that I 
documented the presence of this bacterium in green frogs.  It is possible that route of 
infection was oral and occurred while feeding in the water column (Hoff et al. 1999).  
The prevalence of Vibrio spp. also was greater in non-access wetlands for American 
bullfrog tadpoles.  It is unknown why this bacterium had higher occurrence in non-access 
wetlands, but may be due to abiotic and biotic conditions that favor its proliferation, such 
as lower nutrients or the presence of certain plants or other vertebrates (Borroto 1997).  In 
particular, one species within this genus (V. cholerae) grows very well on duckweed 
(Lemna spp.) in freshwater environments and can be transported by great blue herons 
(Ardea herodias, Borroto 1997).  Duckweed and great blue herons occurred in non-access 
and cattle-access wetlands, but V. cholerae was not isolated. 
External bacteria.—Several bacteria also were isolated from the external surface 
of American bullfrog and green frog larvae that I collected.  I considered bacteria isolated 
from external surfaces as incidental, but a representation of organisms in the environment 
to which larvae were exposed.  Thus, special attention was given to potentially 
pathogenic bacteria, because the possibility for infection existed.  The bacteria A. 
baumannii and Hafnia alvei were isolated from American bullfrog tadpoles more often in 
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cattle-access wetlands, while P. shigelloides was isolated more frequently from green 
frog tadpoles in non-access wetlands.  All three bacteria are ubiquitous and known to 
occur in freshwater (Murray et al. 2003).  Pathogenicity of these bacteria to larval 
amphibians is unknown.  I suspect A. baumannii may be pathogenic, given that other 
species within this genus are documented as pathogens of amphibians (Mauel et al. 2001, 
Worthylake and Hovingh 1989); however, more studies are needed to investigate this 
possibility.  
Parasites 
Parasites in tissue.—Prevalence of metazoans in the liver of American bullfrog 
tadpoles was greater in non-access wetlands than in cattle-access wetlands.  Metazoan 
parasites found in the liver could have included trematodes, cestodes, and nematodes 
(Poynton and Whitaker 2001).  Ten American bullfrog tadpoles in non-access wetlands 
were infected with metazoans.  Histological examinations revealed that 30% of the 10 
individuals had associated eosinophilic infiltrates, 40% had granulomas, 50% had 
lymphoid aggregates, and 20% had mixed inflammatory cell infiltrates.  Eosinophils are 
commonly associated with the presence of parasites, because they contain specific 
proteins that aid in destroying invading organisms (Junqueira et al. 1995).  Likewise, 
granulomas are formed by macrophages fusing and creating multinuclear giant cells in 
response to invading foreign organisms as a means of isolating these offending agents 
from the body and aiding in their destruction (Junqueira et al. 1995).  The granulomas 
observed in my study contained centrally located parasites, indicating they were the 
mechanism for the pathological condition.  Lymphoid aggregates or inflammatory cell 
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infiltrates in the liver of metazoan-infected bullfrog tadpoles also were noted in livers 
containing parasites.   
The presence of these liver parasites only in non-access wetlands suggests that 
cattle presence may not increase prevalence of these particular parasites.  In fact, cattle 
may indirectly reduce their presence.  This trend is contradictory to the previous 
anthropogenic stress hypothesis I proposed; however, may be more related to habitat 
suitability conditions for the parasites and hosts.  Most cestodes, trematodes, and 
nematodes have a complex life cycle that requires the presence of multiple hosts (Olsen 
1986).  Overall, tadpole densities were 3X greater in non-access wetlands (Chapter II).  
Total fish density, snail abundance (i.e., Gyraulus spp.) and vegetation also were greater 
in non-access wetlands (Chapter II, Burton 2007).  Additionally, I observed more small 
mammals (i.e., muskrats, Ondatra zibethicus; groundhogs, Marmota monax) in non-
access wetlands.  Fewer hosts (as occurred in cattle-access wetlands) can decrease the 
likelihood of transmission (Olsen 1986).   
Ciliates in the stomach and intestines made up a large portion of the parasites in 
both species.  These parasites are known to naturally occur in the gastrointestinal tract of 
amphibians and are considered to be commensal organisms (Poynton and Whitaker 
2001).  Ciliate infections can be problematic when they occur in high numbers on the 
gills of tadpoles, because they can interfere with feeding and respiration (Poynton and 
Whitaker 2001).  However, this particular pathological change was not noted in any of 
my infected tadpoles.    
Prevalence of the protozoan myxosporidia did not differ between cattle land uses, 
but occurred on average in 43.3% and 17.5% of American bullfrog and green frog 
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tadpoles.  Myxosporidia has been documented in various organs in amphibians (Desser et 
al. 1986, Upton and McAllister 1988, McAllister and Trauth 1995, Jirku et al. 2006).  
Several studies have investigated myxosporidia infections in my study species (Desser et 
al. 1986, Upton and McAllister 1988, McAllister and Trauth 1995).  In particular, an 
unidentified myxozoan parasite was documented infesting the gall bladders of seven 
species in the southeastern United States, including American bullfrogs and green frogs 
(Green and Dodd 2007).  Desser et al. (1986) observed myxosporidia, specifically 
Sphaerospora ohlmacheri, within the renal tubules of larval American bullfrogs in 
Canada.  Histological examination of the kidneys of infected individuals from my study 
revealed eosinophilic infiltrates and eosinophilic droplets with some evidence of 
vacuolation occurring.  The occurrence of eosinophils suggests parasitic infection 
(Junqueira et al. 1995).  Additionally, vacuolation and eosinophilic droplets represent 
degenerative changes in the kidney.  Similarly, Desser et al. (1986) reported that 
myxosporidia in bullfrog tadpoles were associated with dystrophic changes, such as 
eosinophilic droplets and cellular necrosis, in the kidneys.  Myxosporidia also have been 
implicated in proliferative kidney disease in trout (Morris and Adams 2005).  Fish can be 
infected with myxosporidia from invertebrates (e.g., oligochaetes, Poynton and Whitaker 
2001, Morris and Adams 2005), which may explain how this parasite was transmitted to 
tadpoles in my ponds.  Oligochaetes were captured in both land-use types and are known 
to be an abundant invertebrate (Voshell 2002).  More studies should investigate the 
pathological consequences of this protozoan in the kidneys and other tissues of larval 
amphibians.   
 91
Trematodes are a common platyhelminth in amphibians, and most commonly 
located in the liver, gastrointestinal tract, or kidney (Faeh et al. 1998, Poynton and 
Whitaker 2001).  Two American bullfrogs and six green frogs were infected with 
trematodes.  Histological examination revealed the following changes associated with 
renal trematode infection: all eight individuals had associated eosinophils, 50% had 
eosinophilic droplets in the renal tubules (three green frogs, one American bullfrog), 25% 
had granulomas (two green frogs), and 25% were co-infected with myxosporidia (two 
green frogs).  These pathological findings are consistent with parasite infection.  Also 
rarely metazoans, including trematodes and cestodes, were observed in the mesentery, 
abdominal fat, spleen, skin, or gills.     
Total parasite prevalence also exhibited trends, but they were dependent on 
season, cattle land-use type, and tadpole species similar to A. hydrophila.    For American 
bullfrog tadpoles, total parasite prevalence was lowest in February and highest during 
June, and did not differ between land-use types.  Studies investigating other vertebrates, 
such as fish and birds, have documented seasonal trends in parasitic infection (Rawson 
and Rogers 1972, Davidson et al. 1980).  For example, Rawson and Rogers (1972) found 
that bluegill were infected by smaller trematodes in the summer months more than in 
cooler months due to an increases in water temperature, which may facilitate completion 
of the parasite life cycle.  It is unknown whether water temperature or other factors 
associated with an increase in water temperature, such as an increase in host density, was 
responsible for seasonal trends.  As reported earlier, density of postmetamorphic 
amphibians, tadpoles, and fish were greater during summer months (Chapter II, Burton 
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2007).  Thus, for parasites, host density may be more important than cold-induced stress 
in influencing infection.   
For green frog tadpoles, total parasite prevalence in June was greater than in 
October in cattle-access wetlands.  However, in non-access wetlands, prevalence in 
October was 2X greater than in June.  This increase in parasite prevalence during fall in 
green frog tadpoles corresponds with an increase in FV3 infection (Gray et al. 2007a).  
Thus, an increase in prevalence of parasites in non-access wetlands for green frogs may 
be due to immunosuppression by FV3.  In addition, density of green frog tadpoles was 
greater in non-access wetlands (Chapter II), which may have facilitated parasite 
transmission.  Total parasite prevalence in non-access wetlands was greater than in access 
wetlands during October.  Upton and McAllister (1988) documented an increase in 
intestinal protozoan coccidia in adult toads in October.  They attributed this trend to 
humidity, rainfall, and a reduction in metabolic activity during cooler months (Upton and 
McAllister 1988).  
Fecal parasites.—Many different types of parasites are known to inhabit the 
gastrointestinal tract of amphibians (Poynton and Whitaker 2001).  These parasites could 
be present in the feces, because they are passing through the system with food particles 
(Hoff et al. 1999) or could indicate infestation within the intestines (Alford 1999).  Thus, 
parasite results from feces must be interpreted with caution.   
Intensity of parasitic amoeba in the feces of American bullfrog tadpoles collected 
from non-access wetlands was greater than in cattle-access wetlands.  A similar trend was 
apparent for green frog tadpoles.  Various species of amoeba have been documented in 
the gastrointestinal tract of amphibian larvae (Poynton and Whitaker 2001); however, few 
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are considered pathogenic (Poynton and Whitaker 2001).  Nonetheless, heavy infection 
of pathogenic amoeba can result in amoebiasis, which may cause renal and hepatic 
lesions, as well as damage mucosa in the stomach (Poynton and Whitaker 2001).  
Histological examination of my American bullfrog tadpoles did not reveal such 
pathological changes in the kidney, liver, or stomach.  Additionally, leukocytes or 
eosinophils were not noted in the feces of infected individuals.  Thus, amoeba intensity 
did not appear to negatively affect my tadpoles.  The difference in amoeba intensity 
between cattle land uses may be related to conditions most suitable for amoeboid 
proliferation or may have been due to a higher density of host organisms in non-access 
wetlands (Olsen 1986).   
Intensity of nematodes was greater in cattle-access wetlands for green frog larvae.  
Nematodes naturally occur in the gastrointestinal tract of amphibians (Poynton and 
Whitaker 2001).  Infection can occur through ingestion or the skin.  Those that enter 
through ingestion can burrow through the gastrointestinal tract and facilitate bacterial 
infections or sepsis (Poynton and Whitaker 2001).  No histological changes were 
associated with nematode infections, but bacterial infections of A. sobria also were higher 
in cattle-access wetlands for green frog larvae.  Indeed, exposure to nematodes may make 
amphibian larvae more susceptible to other pathogens. 
Prevalence of coccidia also was greater in cattle-access wetlands for green frog 
larvae.  Coccidia are a protozoan that infects the intestines of various organisms, 
including amphibians (Converse and Green 2005).  In Maine, a population of larval 
northern leopard frogs with coccidiosis exhibited a reduction in growth and mass.  In this 
case, Converse and Green (2005) noted that various inflammatory cells associated with 
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infected intestinal walls.  Inflammatory cells and ciliates (another protozoan) were 
frequently documented in the intestines of my green frog tadpoles.  It is unknown if the 
presence of coccidia caused the inflammatory cells or whether other pathogens were the 
mechanism.  However, no eosinophils were documented in the intestines, which would 
have suggested a pathogenic parasitic infection (Junqueira et al. 1995).  Even though the 
presence of coccidia infection may not be pathogenic, it could lead to decreased growth 
and body mass in tadpoles (Converse and Green 2005), and perhaps a decrease in overall 
survivorship.  Given that coccidia prevalence in the gastrointestinal tract of green frogs 
was greater in cattle-access wetlands, conditions associated with cattle may increase its 
proliferation in aquatic environments.    
 Intensity of non-parasites in the feces was greater in non-access wetlands for both 
tadpole species.  Non-parasites were algae and pollen, and may be associated with greater 
food resources in non-access wetlands (Chapter II).  Algae and pollen have both been 
documented in the guts of amphibian larvae (Dickman 1968, Hoff et al. 1999).  Shoreline 
vegetation also was more abundant at non-access wetlands (Burton 2007), which may 
have contributed to increase abundance of pollen.  Although overall algal biomass was 
greater in cattle-access wetlands, algal communities in non-access wetlands may have 
been composed of taxa that are more preferred by tadpoles (Chapter II), resulting in 
greater algae amounts in their feces.    
Dual Infections with FV3 
Frog virus 3 (FV3) was found in both tadpole species and cattle land-use types 
(Gray et al. 2007a).  The bacterium A. hydrophila and several parasite species also were 
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isolated from tissues in my tadpoles.  Several researchers have suggested that A. 
hydrophila and parasites may function as a secondary invader to virus infections 
(Cunningham et al. 1996, Bollinger et al. 1999, Carey et al. 1999, Green 2001, Docherty 
et al. 2003), thus dual infections by these pathogens should be most common.  These 
previous studies, however, documented dual infections in diseased individuals 
(Cunningham et al. 1996, Bollinger et al. 1999, Carey et al. 1999, Green 2001, Docherty 
et al. 2003).  All collected tadpoles in my study were clinically normal prior to 
euthanasia.  Prevalence of dual infections of FV3 and A. hydrophila or parasites were the 
lowest or significantly different compared to single pathogen infections (i.e., A. 
hydrophila or parasite only) in both tadpole species.  Given enough time, however, 
tadpoles infected with FV3 could experience stress, and facilitate dual infections with A. 
hydrophila or parasites.  Also, few cases of dual infections may have been documented in 
my study because infected tadpoles may have experienced mortality prior to capture.  I 
recommend that the dual infection hypothesis be tested rigorously with controlled 
experiments.  Experiments should incorporate anthropogenic (e.g., ammonia), 
developmental (e.g., tadpole stage), and natural (e.g., water temperature) stressors.   
Pathological Changes 
There were differences detected in overall pathological changes in the organs of 
both tadpole species.  Specifically, I found that degenerative changes in the liver were 
greater in cattle-access wetlands in American bullfrog tadpoles.  Degenerative changes in 
the liver occurred in the hepatocytes.  Degenerative changes could be classified as 
vacuolar degeneration, including hydropic change and lipidosis.  Hydropic degeneration 
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is the accumulation of water in the cell due to injury (Kelly 1993).  Lipidosis is an 
accumulation of lipids in the cell, and generally is associated with a disorder in lipid 
metabolism, anorexia, or a high fat diet (Kelly 1993).  Tadpoles captured at cattle-access 
wetlands generally were heavier than those in non-access wetlands (Chapter II), thus diet 
may have impacted liver changes.  Also, the liver filters and neutralizes toxins (Junqueira 
et al. 1995), which may have been at higher levels in cattle-access wetlands.  In Chapter 
II, I reported that mean concentrations of nitrogen compounds were higher in cattle-
access wetlands.  Prevalence of metazoan parasites was greater in the liver in non-access 
wetlands, thus, it is unlikely that the presence of these parasites contributed to the 
degenerative changes in the liver.  
Prevalence of degenerative changes in the intestines were greater in non-access 
wetlands for American bullfrog larvae, and this trend was also similar for green frogs.  
Degenerative changes were most likely attributed to epithelial cellular damage within the 
gastrointestinal tract (Barker et al. 1993).  Epithelial damage may have occurred from 
bacteria or parasites living or passing through the gut.  As discussed earlier, several 
bacteria (e.g., Vibrio spp., P. shigelloides) and parasites (e.g., coccidia and amoeba) were 
more prevalent in non-access wetlands.   
Prevalence of inflammatory cell infiltrates in the kidneys of green frog larvae 
collected in non-access wetlands was greater than in cattle-access wetlands.  Similarly 
eosinophilic droplets, other degenerative changes, and the parasite myxosporidia 
simultaneously tended to be greater in the kidney.  Inflammatory cell infiltrates, such as 
heterophils, neutrophils, eosinophils, and lymphocytes, increase within the tissues in 
order to combat bacterial, viral, or parasitological invasions (Guyton and Hall 2000).  
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Inflammatory cell infiltrates may have increased due to the presence of myxosporidia, 
bacteria, or potentially FV3.  As discussed earlier, it may be that these trends were a 
result of density dependence given that green frog tadpoles were more abundant in non-
access wetlands, which could have increased stress and infection by certain pathogens.  
On the other hand, prevalence of extramedullary hematopoiesis in green frog tadpole 
kidneys was 15% greater in cattle-access wetlands.  Extramedullary hematopoiesis may 
increase during illness and be a sign of infection (Valli 1993).  It is possible that we did 
not capture morbid tadpoles from cattle-access wetlands, because they experienced 
mortality prior to capture.                  
The histological changes observed within the larvae may have a variety of 
etiologies, some of which may have been potentiated by the presence of the cattle.  Cattle 
may have had a negative impact on larvae by decreasing water quality and thus may have 
increased their susceptibility to pathogens.  In some cases, larvae may have been so 
severely affected that they may have died and were not captured.  However, the observed 
histological changes also may be due to the natural stressors that larvae face in the wild, 
such as predators, competition for food resources, and water temperature changes 
associated with seasons.  More studies are needed to investigate the relationships between 
natural and anthropogenic stressors and histological changes.          
Other Isolated Organisms 
 Parvovirus.—A possible parvovirus was observed in three amphibian larvae from 
cattle-access wetlands.  This is the first report to my knowledge of a possible parvovirus 
infecting larval amphibians.  The parvovirus cases also were incidents of dual infections 
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by other pathogens.  For the American bullfrog tadpole collected in June, it also was 
infected with the pathogenic bacteria Edwardsiella tarda.  For the two green frog larvae 
captured in October, they also were infected with FV3.  There are numerous types of 
parvoviruses and many are known to infect cattle and Canada geese (Branta canadensis, 
Andrewes et al. 1978).  Both of these animals were present in my access wetlands and 
geese were present in non-access wetlands, which may have served as vectors for 
transmission.  Parvovirus infections also have been reported in reptiles (Essbauer and 
Ahne 2001) and adult anurans (Raymond et al. 2002).  The latter report suggested that 
parvovirus was the etiologic agent in the mortality of captive wild-caught female spring 
peepers (Raymond et al. 2002).  Raymond et al. (2002) reported that the virus caused 
inclusion body myositis.   Although myositis was observed in some of the captured 
amphibian larvae, it was not noted in the three infected with parvovirus.  Parvoviral 
infections are known as immunosuppressive pathogens in some animal species (Raymond 
et al. 2002), thus could cause individuals to be more susceptible to other pathogens in the 
environment.  Additionally, colder water temperatures in October and impacted water 
quality by cattle may have increased susceptibility to this virus.  However, it is unknown 
if parvoviruses are lethal to American bullfrog and green frog tadpoles.  More studies are 
needed to understand the pathological implications of parvovirus infections in amphibian 
larvae.  
Geotrichum.—The yeast Geotrichum was isolated from one American bullfrog 
tadpole in October that was inhabiting a non-access wetland.  Geotrichum is a common 
yeast known to be ubiquitous (Kwon-Chung and Bennett 1992), and it has been isolated 
from natural water sources (Sláviková and Vadertiková 1997).  Sláviková and 
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Vadertiková (1997) found Geotrichum candidum frequently in a river system in Slovakia.  
Additionally, they documented highest yeast densities during October.  They attributed 
this trend to the ability of some yeasts to grow better at colder temperatures (Sláviková 
and Vadertiková 1997).  Perhaps, this is an explanation for my only positive sample from 
October.  The yeast, Geotrichum candidum, is considered pathogenic to humans and 
potentially pathogenic to animals (Kwon-Chung and Bennett 1992).  Additionally, 
Geotrichum candidum, has been isolated from granulomatous skin lesions in pigmy 
rattlesnakes (Sistrurus miliarius barbouri) in Florida (Cheatwood et al. 2003).  This 
particular species also has been isolated from the intestinal tract, lungs, and livers of the 
common toad (B. bufo) in Europe (Gugnani and Okafor 1980) and the lung of a granular 
toad (B. granulosus) from the Amazon basin (Mok and de Carvalho 1985).  Mok and de 
Carvalho (1985), however, did not associate any pathogenic changes with the infection.  
Few histological changes were noted for the American bullfrog tadpole infected with the 
Geotrichum yeast, and the specimen was not co-infected with FV3, A. hydrophila or any 
other known pathogenic bacteria.  Histological examination indicated eosinophilic 
droplets in the kidney and inflammatory cell infiltrates in the intestines and stomach, yet 
no presence of parasites.  Eosinophilic droplets represent a degenerative change in the 
kidney; however, it is unknown if the yeast was the cause.   
Potential pathogens.—Several pathogens of amphibian and human concern that I 
tested for were not discovered.  The chytrid fungus and Ribeiroia parasite were not 
documented in any captured larvae.  The chytrid fungus has been documented in 
Tennessee (D. E. Green, USGS National Wildlife Health Center, personal 
communication), but it does not seem to be present in amphibian populations inhabiting 
 100
my study wetlands.  However, a recent study documented chytrid-infected American 
bullfrog tadpoles in the Southeast (Green and Dodd 2007).  Thus, careful attention should 
be paid to the potential occurrence of this fungus in farm ponds in Tennessee.  I found 
ram horn snails belonging to the genera Biomphalaria, Helisoma, and Planorbella in all 
my study wetlands, and these snails are known to function as first intermediate host for 
Ribeiroia trematodes (Johnson et al. 2004).  In fact, Burton (2007) did find trematodes in 
two malformed green frogs and one malformed pickerel frog; however, it is unknown at 
this time if these parasites were Ribeiroia (i.e., PCR analyses have not been performed 
yet).  I hypothesize that this parasite is not very prevalent in my study wetlands 
decreasing the likelihood of capturing an infected tadpole.     
I also was interested in documenting any human pathogens in collected larvae, 
specifically including Leptospira spp. (Shotts 1981, Miller et al. 1991), Listeria 
monocytogenes (Nightingale et al. 2004), Salmonella spp. (Murray 1991), Escherichia 
coli (Mahon and Manuselis 1995, Sargeant et al. 2004), Mycobacterium paratuberculosis 
(Olsen et al. 2002), and Cryptosporidium spp. (O’Donoghue 1995, Olson et al. 2004).  
All of these pathogens, except E. coli, were not found in any of the captured tadpoles.  
However, Salmonella arizonae (Bartlett et al. 1977, Hird et al. 1983), L. monocytogenes 
(Botzler et al. 1973), E. coli (Sargeant et al. 2004), and Cryptosporidium spp. 
(O’Donoghue et al. 1995) have been isolated from wild-caught amphibians in past 
studies.  Indeed, Gray et al. (2007b) documented that American bullfrog metamorphs are 
suitable hosts for E. coli O157:H7.  It is hypothesized that larval and postmetamorphic 
amphibians could serve as a spill-over reservoirs for cattle and human pathogen, thus 
perpetuating their persistence in the environment.  Indeed, lack of detections in my study 
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could be false-negatives.  The bacterial tests used for my study (i.e., bacterial culturing on 
agar plates) were not the most sensitive among available techniques.  Other bacteria 
isolation methods, such as immunomagnetic separation followed by PCR, might have 
resulted in documentation of positive cases.  In addition, it is not expected that positive 
cases would be found in wetlands with cattle access, where cattle are healthy.  In the two 
years of my study, no known cases of infection by the aforementioned pathogens 
occurred in the PREC cattle herd (J. Hitch, PREC, personal communication).    
Conclusions and Recommendations 
Several interacting mechanisms likely were responsible for pathogen infections, 
including reduced immunocompetence, density dependence, life history and natural 
seasonal fluctuations in bacterial and parasite populations, and occurrence of co-
infections.  Given the complex nature of pathogen infections and the understanding that 
correlation does not imply causation, it is difficult to discern the true impacts of cattle on 
pathogen susceptibility in the field.  Controlled experiments are needed to discern 
mechanisms driving the trends I observed.  Nonetheless, I will briefly discuss my 
findings, possible drivers, and thoughts on amphibian conservation.   
I found that green frog tadpoles tended to be impacted more by cattle land use 
than American bullfrog tadpoles with respect to prevalence of A. hydrophila and total 
parasites.  Interestingly, these two amphibian species have similar life histories.  The 
adults breed during late spring to early summer generally in permanent waters, hibernate 
in the water, and are considered aquatic (Conant and Collins 1999, Dodd 2004).  
Additionally, adults of both species produce a large number of eggs and the tadpoles are 
 102
known to overwinter (Conant and Collins 1999, Dodd 2004).  Because of the similarities 
in life histories, it is difficult to understand the differences in pathogen prevalence 
between the two species, however, it may be related to differences in immune function.  
Studies suggest that American bullfrogs are impacted less (i.e., lighter infections or not 
clinically infected) by known amphibian pathogens such as Batrachochytrium 
dendrobatidis in comparison to other amphibian species (Daszak et al. 2004, Hanselmann 
et al. 2004).  Additionally, Gray et al. (2007a) reported that green frog tadpoles were 
more likely to be infected by FV3 than American bullfrog tadpoles in cattle-access 
wetlands.  In the future, studies need to measure and quantify the differences and 
similarities in immune function between American bullfrog and green frog tadpoles.     
   Stressors (e.g., cattle, competition, and predation) may have a greater negative 
effect on green frog immune function.   Indeed, Jofre and Karasov (1999) reported that 
green frog tadpoles were negatively impacted by high ammonia concentrations more than 
other tadpole species.  However, in some cases (e.g. Vibrio spp., P. shigelloides, A. 
hydrophila in June, parasite prevalence in October), infection prevalence was greater in 
non-access wetlands for green frog tadpoles.  I attribute these cases to density-dependent 
factors (e.g., increased probability of pathogen transmission), because green frog tadpoles 
were more abundant in non-access wetlands (Chapter II).  It also is possible that stress 
associated with competition for food resources and greater numbers of invertebrate 
predators in non-access wetlands (Chapter II) could have contributed to these trends.   
In general, prevalence of parasites and A. hydrophila tended to be lowest during 
colder months.  These results are opposite of Forbes et al. (2004) who found that as air 
temperatures increased, during the breeding season, prevalence of A. hydrophila 
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decreased in three ranid species.  However, this study did not investigate larval 
amphibians and the study was only conducted in the months April – June.  Hazen (1979) 
documented an increase in A. hydrophila in a cooling reservoir March – June, which was 
similar to my results.  Waterborne bacteria growth and replication often is temperature 
dependent (Raven and Johnson 1999).  Gray et al. (2007a) and Rojas et al. (2005) 
documented an increase in pathogen prevalence during colder months, which they 
attributed to a decrease in immune function (Maniero and Carey 1999).  However, these 
two studies investigated the impact of water temperature on viral infection in amphibians 
(Gray et al. 2007a, FV3; Rojas et al. 2005, ATV).  Unlike bacteria, few viruses can 
survive outside of a host for long durations (Raven and Johnson 1999).  Thus, the 
abundance of virus particles may be impacted less by changes in ambient temperature, 
and proliferate around cold temperatures when immune function decreases (Maniero and 
Carey 1999).  Thus, I hypothesize that relative abundance of these two pathogens (i.e., A. 
hydrophila and parasites) was less in my wetlands during colder months because most 
parasites that infect tadpoles have a complex life cycle that depends on the interaction of 
multiple hosts (Olsen 1986) and bacterial growth is temperature dependent (Hazen 1979, 
Murray et al. 2003).  Tadpole densities also are less during colder months in Tennessee 
(Chapter II), because only a few species overwinter (Dodd 2004).  A combination of 
fewer bacterial and parasite pathogens and hosts during colder months may have 
contributed to the general trend of lower prevalence in tadpoles during February and 
October compared to June. 
Dual infections of FV3 and A. hydrophila or FV3 and parasite load were not 
detected in most of the tadpoles that I collected, but they were clinically normal.  It is 
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possible that given time these clinically normal individuals infected with FV3 may have 
experienced stress and succumbed to secondary infection by A. hydrophila or parasites, 
which could have resulted in morbidity or mortality.  Additionally, individuals with dual 
infections in my study wetlands may have died, thus been unavailable for capture.  
Ultimately, more research is needed exploring dual infections of FV3 and A. hydrophila 
and FV3 and parasites in amphibian larval species.       
Histopathological changes were documented in tadpoles inhabiting both cattle-
access and non-access wetlands.  It was documented that degenerative changes in the 
liver occurred more often in cattle-access wetlands than in non-access wetlands for 
American bullfrogs.  Other pathological changes that were noted included: degenerative 
changes in the intestines, inflammatory cell infiltrates in the kidney and parasites in the 
intestine and liver.  However, none of the captured tadpoles were diagnosed as morbid. 
Therefore, it is unknown whether the pathogens documented would have resulted in 
morbidity or mortality because tadpoles were euthanized upon capture.  Overall though, I 
documented the occurrence of 17 potentially pathogenic bacteria taxa (four significantly 
different), four category types of parasites within the tissue (one significantly different), 
and two viruses (i.e., FV3 and parvovirus).  Additionally, nine overall histological 
changes were documented in my tadpoles and may have been caused by pathogens.  If 
immunocompetence was compromised due to anthropogenic or natural stressors, it is 
possible that any of these pathogens (or perhaps a combination of them) could have 
caused mortality.   
Because the immune system of tadpoles is less developed than adults (Rollins-
Smith 1998), massive die-offs are more likely to occur in their populations, which will 
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ultimately impact postmetamorphic recruitment.  Thus, I recommend that conservation 
initiatives first focus on minimizing impacts in the aquatic environment.  As suggested in 
Chapter II, fencing cattle from wetlands is a possible conservation technique.  Partial 
fencing and rotational grazing are other possibilities, but the effectiveness of these 
methods needs to be first tested with research.  Results from Chapter III suggest that 
tadpoles are exposed to numerous pathogens throughout the year.  Thus, natural resource 
managers should attempt to minimize stress caused by humans.  This may decrease the 
likelihood of larval die-offs due to endemic amphibian pathogens.     
Lastly, I tested for the occurrence of cattle and human pathogens in the captured 
tadpoles.  Pathogens of particular interest were: Leptospira spp., Listeria monocytogenes, 
Salmonella spp., E. coli, M. paratuberculosis, and Cryptosporidium spp.  I found no 
positive cases of these pathogens, with the exception of E. coli, in the captured tadpoles.  
However, lack of positive samples probably reflects the healthy herd condition at my 
study site.  False-negatives also could have occurred because the bacterial testing method 
used in my study was not the most sensitive among available techniques.  Indeed, Gray et 
al. (2007b) were the first to document in the lab that American bullfrogs could be suitable 
hosts for E. coli O157:H7.  Future studies need to focus on the suitability of tadpoles and 
postmetamorphic amphibians for human and cattle pathogens.  If amphibians are suitable 




CONCLUSIONS AND CONSERVATION RECOMMENDATIONS 
 
My study provided evidence that cattle grazing in wetlands affected larval species 
abundance, larval richness and diversity, water quality, detrital biomass, and abundance 
of some aquatic invertebrates and fish (Chapter II).  Decreases in water quality 
parameters associated with cattle land use also may have induced stress in resident 
tadpoles, resulting in some cases where pathogen occurrence was greater in cattle-access 
wetlands (Chapter III).  The results and conclusions from Chapter II and Chapter III are 
discussed briefly below.  
Amphibian larval richness was greater in non-access wetlands, with larval 
diversity following the same trend (Chapter II).  Specifically, American bullfrog and 
green frog abundance was greater in non-access wetlands.  Additionally, mean body size 
of larvae was generally greater in cattle-access wetlands.  Turbidity and specific 
conductivity were significantly higher in cattle-access wetlands while dissolved oxygen 
was lower.  Ammonia, nitrite, and nitrate levels had a trend toward being higher in cattle-
access wetlands.  Detritus biomass was significantly greater in non-access wetlands, 
while there was a trend for algae biomass being greater in cattle-access wetlands.  
Abundance of some aquatic invertebrate species (i.e., oligochaetes, Libellulidae, and 
planorbid snails) and fish species (i.e., green sunfish, largemouth bass, redear sunfish) 
differed between land uses.  Significant monthly trends also were noted for some 
amphibian larval species, aquatic invertebrates, and water quality variables (Chapter II).   
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Differences in pathogen prevalence were documented between land-uses.  
Specifically, green frog tadpoles tended to be infected more by A. hydrophila and total 
parasites in cattle-access wetlands than American bullfrogs.  In addition, a concurrent 
study (Gray et al. 2007a) found that green frogs inhabiting cattle-access wetlands were 
more likely to be infected with FV3.  Prevalence of A. hydrophila and parasites tended to 
be lower during colder months for both species, which is opposite of what Forbes et al. 
(2004) found for A. hydrophila infections.  Also, my results did not appear to support the 
dual infection hypothesis in reference to FV3 and dual infection with A. hydrophila or 
parasites for clinically normal tadpoles.  Histopathological changes were documented in 
both species inhabiting both land uses.  Finally, with the exception of E. coli, I did not 
find any cattle or human pathogens in the tadpoles that I tested (Chapter III).       
Cattle presence may potentially have impacted larval species richness due to 
decreases in water quality, decreases in detrital biomass, and changes in the aquatic 
invertebrate community (Chapter II).  Specifically, I attribute the differences in larval 
abundance of American bullfrog and green frog to greater ammonia concentration and 
turbidity and less detritus in cattle-access wetlands.  Overall larger tadpole body size in 
cattle-access wetlands may be attributed to density dependence, because there were fewer 
individuals in these wetlands.  Cattle likely decreased water quality in my study wetlands 
through defecation and urination, trampling vegetation, and disturbing sedimentation.  I 
attribute the decrease in detritus in cattle-access wetlands to a decrease in emergent 
vegetation.  The decrease in water quality, vegetation, and food resources may have 
contributed to differences observed in several aquatic invertebrate and fish species 
between land-use types.  These trophic changes may have further affected amphibian 
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larval species due to the competitor-predator interactions.  Monthly trends that occurred 
in amphibian larvae and aquatic invertebrates could be attributed to adult breeding cycles 
(Chapter II).   
Pathogen occurrence in both captured species may have been influenced by stress 
through reductions in water quality due to cattle presence (Chapter III).  However, 
density of organisms, life history of hosts, seasonal fluctuations in bacterial and parasite 
populations, and co-infections made it difficult to discern the exact causal mechanisms 
behind pathogen occurrence.  Green frog tadpoles may be impacted more by stressors 
associated with cattle (e.g., increases in ammonia) leading to greater infection of A. 
hydrophila and total parasites in this species compared to than American bullfrog 
tadpoles.  Additionally, I suspect that the increase in prevalence of A. hydrophila and 
parasites in the summer was due to host life cycles and seasonal fluctuations of these two 
pathogens.  Dual infection (i.e., FV3 and A. hydrophila and FV3 and parasite load) may 
not have been detected by my results because all larval individuals captured were 
clinically normal.  Additionally, I may not have detected any cattle-human pathogens in 
my study due to the overall health of the cattle herd or false-negatives during bacterial 
testing.     
Due to the potential negative impact of cattle on larval species abundance, I 
recommend fencing cattle partially or fully from wetlands (Chapter II and III).  I also 
recommend providing alternate water sources for cattle, such as solar powered wells or 
reservoirs (Nader et al. 1998).  Additionally, decreases in cattle density and duration 
within wetlands may prove beneficial for some amphibian species (Chapter II and III).  
More educational programs are needed for farmers concerning the potential negative 
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impacts that cattle may have on amphibian populations as well as the potential concern of 
transmission of foodborne pathogens between cattle and amphibians (Chapter II and III).  
Additionally, farmers should be informed about government programs that provide 
financial assistance for incorporating land-use practices that help maintain cattle herd 
health and also minimize environmental impacts (National Resources Conservation 
Service 2005, Chapter II).   
Fencing cattle from farm ponds and wetlands also may help protect human and 
cattle herd health.  If cattle water sources are connected to a watershed, runoff could 
contaminate waters used by humans for recreation, consumption, or crop irrigation 
(Buckhouse and Gifford 1976, Hubbard et al. 2004).  For example, Buckhouse and 
Gifford (1976) documented outbreaks of leptospirosis in swimming areas that were 
located downstream from a cattle watering area.  Human pathogens, such as Salmonella 
and E. coli O157:H7, can survive in irrigation water (Solomon et al. 2002, Islam et al. 
2004), which if contaminated by cattle, could be passed to humans on vegetables (Ackers 
et al. 1998).  Poor water quality produced by cattle also can negatively impact herd health 
(Wright 2007).  Cattle drink less water when it contains high fecal coliforms, nitrates, and 
sulfates, which in turn may decrease forage consumption (Hyder et al. 1968).  Studies 
have documented that cattle gain more weight when provided water that is treated (i.e., 
aerated or chlorinated) or pumped from a well or spring compared to cattle that are given 
access to manure-contaminated pond water (Willms et al. 2002, Lardner et al. 2005).  
Additionally, fencing cattle from wetlands can decrease the occurrence of pathogens, 
such as Leptospira or Fusobacterium necrophorum (i.e., foot rot), both of which can 
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persist in mud and water for long durations and increase transmission among animals 
(Wright 2007).     
Additional research is needed to fully understand the impact that cattle may have 
on resident amphibian populations.  A study that might provide insight could include 
examining variables similar to those measured in my study before and after cattle 
introductions.  This manipulative experimental approach may help elucidate the specific 
effects that cattle have on larval abundance and diversity and water quality.  Additional 
studies that can be investigated include: (1) quantifying the effects of various cattle 
grazing durations and cattle densities, (2) determining benefits of partially excluding 
cattle from wetlands, (3) investigating whether amphibian larvae can transmit potential 
foodborne pathogens (i.e., Leptospira spp., Listeria monocytogenes, Salmonella spp., E. 
coli, M. paratuberculosis, and Cryptosporidium spp.) through experimental challenges 
similar to Gray et al. (2007b), and (4) determining differences in pathogen occurrence 
(i.e., pathogenic bacteria, parasites) and FV3 dual infection in tadpoles exposed to 
changes in water quality and temperature.  It would be advantageous and may provide 
more insight if laboratory and field experiments were performed concurrently.  Also, 
these studies should be conducted with common and uncommon larval amphibian 
species.   
High amphibian diversity occurs in the southeastern United States (Bailey et al. 
2006) and beef farming is an important industry in this region.  Thus, there is a need to 
further investigate the potential impacts of cattle on amphibian populations in this region.  
The University of Tennessee Plateau Research and Education Center provided a unique 
opportunity to study this system.  However, in the future, more manipulative experiments 
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are advisable in reference to cattle stocking rates and duration as alluded earlier.  
Additionally, it may prove useful to study wetlands that are free of fish predators, as 
these organisms are known to have an overall affect on larval species densities. 
Ultimately, I recommend long-term studies at the PREC in conjunction with laboratory 
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Table 1.  Mean cattlea abundance and density at three cattle-access wetlands on the 
University of Tennessee Plateau Research and Education Center, Crossville, Tennessee, 
March – August 2005 and 2006. 
Wetland Wetland Size (ha) Year Mean Abundance Densityb 
 
2 0.2830 2005 39 137.81 
  2006 43 151.94 
3 0.6091 2005 24 39.40 
  2006 25 41.04 
4 0.2248 2005 19 84.52 
  2006 14 62.28 
aCattle included Black Angus, Gelbvieh and Balancer cows, calves and bulls. 













Table 2.   Sampling rotation for amphibian larvae among eight wetlands every two 
weeks, University of Tennessee Plateau Research and Education Center, Crossville, 
Tennessee, March – August 2005 and 2006. 
  aWetlands 1– 4 = cattle-access; wetlands 5 – 8 = non-access. 
Sampling Day Wetland Numbera 
Monday (Week 1) 1, 2, 3, 4, 8, 7, 6, 5  
Thursday (Week 1) 7, 6, 5, 8, 2, 3, 4, 1 
Monday (Week 2) 3, 4, 1, 2, 6, 5, 8, 7  
Thursday (Week 2) 5, 8, 7, 6, 4, 1, 2, 3 
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Table 3.  Daily abundance of larval amphibians between land uses at seven wetlands on 
the University of Tennessee Plateau Research and Education Center, Crossville, 
Tennessee, March – August 2005 and 2006. 
  Land Usec 
Speciesa,b Year Access  Non-access 
    x d,e SE   x  SE 
ACCR 2005 0.02 A 0.02   0 A 0 
 2006 0.04 A 0.04   0 A 0 
BUFO 2005 4.35 A 4.35  0.01A 0.01 
 2006 0.82 A 0.82  1.41 A 1.41 
HYCH 2005 NT NT  NT NT 
 2006 0.06 A 0.06  0 A 0 A 
NEMA 2005 0 A 0  0.14 A  0.14 
 2006 0 A 0  0.02 A  0.02 
NOVI 2005 NT NT  NT NT 
 2006 0.02 A 0.02  0 A 0 
PSCR 2005 0 A 0  0.07 A 0.05 
 2006 0.37 A 0.23  0.35 A 0.35 
RACA 2005 0.97 A 0.19  2.85 B 0.47 
 2006 0.48 A 0.48  16.89 A 8.70 
RACL 2005 0.65 A 0.59  0.89 A 0.34 
 2006 0.43 A 0.20  2.14 B 0.60 
RAPA 2005 0 A 0  0.24 A 0.13 
 2006 0.17 A 0.12  0.32 A 0.12 
RASP 2005 NT NT  NT NT 
  2006 0.04 A 0.04   0.14 A 0.12 










Table 3 (continued). 
________________________________________________________________________ 
bACCR = northern cricket frog (Acris crepitans), BUFO = American toad (Bufo 
americanus) and Fowler’s toad (B. fowleri), HYCH = Cope’s gray treefrog (Hyla 
chrysoscelis), NEMA =  common mudpuppy (Necturus maculosus), NOVI = eastern red-
spotted newt (Notophthalmus viridescens), PSCR = spring peeper (Pseudacris crucifer), 
RACA = American bullfrog (Rana catesbeiana), RACL = green frog (R. clamitans),  
RAPA = pickerel frog (R. palustris), and RASP = southern leopard frog (R. 
sphenocephala).   
cAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
dMeans within rows followed by unlike letters are different by Wilcoxon two-
sample test  (i.e., normality was violated; Shapiro-Wilk test, P < 0.001).   




Table 4.  Daily species diversity and richness of amphibian larvae between land uses at 
seven wetlands on the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, March – August 2005 and 2006. 
  Land Usea 
Metric Year Access Non-access 
  x b,c SE x  SE 
Diversity 2005 0.01 A 0.01 0.04 A 0.02 
 2006 0.03 A 0.02 0.12 A 0.04 
   Richness 2005 0.25 A 0.13 0.51 A 0.11 
 2006 0.30 A 0.13 0.82 B 0.18 
aAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
bMeans within rows followed by unlike letters are different by repeated-measures 
of analysis-of-variance. 







Table 5.  Mean body size of amphibian larvae between land uses at seven wetlands on the 
University of Tennessee Plateau Research and Education Center, Crossville, Tennessee, 
March – August 2005 and 2006. 
  Land Usec 
Size  Speciesa,b Access  Non-access 
 Metric   N x d, e, f SE  N x  SE 
Body  ACCR 3 9.02 1.02  0 NT NT 
Length BUFO* 36 7.65 A 0.24  16 7.27 A 0.30 
(mm) HYCH 3 15.12 2.34  0 NT NT 
 NEMA 0 NT  NT  2 18.08 2.43 
 NOVI 1 12.85 0  0 NT NT 
 PSCR 18 8.58 A 0.80  20 9.73 B 0.43 
 RACA 28 16.46 A 3.01  255 13.79 A 0.76 
 RACL 48 22.35 A 0.83  149 18.63 B 0.60 
 RAPA 8 14.35  A 1.51  39 12.80 B 0.47 
 RASP 2 17.15 A 2.15  12 16.73 A 1.28 
Total  ACCR 3 22.78 4.37  0 NT NT 
Length BUFO* 36 18.22 A  0.63  16 16.73 A 0.78 
(mm) HYCH 3 33.97 4.13  0 NT NT 
 NEMA 0 NT NT  2 45.55 17.25 
 NOVI 1 23.25 0  0 NT NT 
 PSCR 18  20.88 A 1.68  20 24.75 B 1.39 
 RACA 28 43.74 A 9.67  255 31.68 A 1.30 
 RACL 48 61.85 A 2.85  149 48.41 B 1.56 
 RAPA* 8 37.42 A 4.69  39 31.00 B 1.29 
 RASP 2 46.40 A 1.40  12 40.71 A 3.32 
Mass  ACCR 3 0.32 0.09  0 NT NT 
(g) BUFO 23 0.26 A  0.02  1 0.25 A 0 
 HYCH 3 0.83 0.17  0 NT NT 
 NEMA 0 NT NT  2 0.13 0.13 
 NOVI 1 0.75 0  0 NT NT 
 PSCR 14  0.65 A 0.45  18  0.34 A 0.05 
 RACA 16 13.57 A 4.67  214 1.64 B 0.26 
 RACL 27 3.76 A 0.38  148 2.30 B 0.18 
 RAPA 7 0.96 A 0.13  37 0.68 B 0.05 
  RASP 2 1.00 A 0.50  12 1.13 A 0.15 




Table 5 (continued).   
________________________________________________________________________ 
bACCR = northern cricket frog (Acris crepitans), BUFO = American toad (Bufo 
americanus) and Fowler’s toad (B. fowleri), HYCH =  Cope’s gray treefrog (Hyla 
chrysoscelis), NEMA = common mudpuppy (Necturus maculosus), NOVI = eastern red-
spotted newt (Notophthalmus viridescens), PSCR = spring peeper (Pseudacris crucifer), 
RACA = American bullfrog (Rana catesbeiana), RACL = green frog (R. clamitans), 
RAPA = pickerel frog (R. palustris), and RASP = southern leopard frog (R. 
sphenocephala).   
cAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
dNT = no test was performed because capture = 0. 
eIf body mass was <0.10 g, mass was not recorded due to scale sensitivity. 
fMeans within rows with unlike letters are different by analysis-of-covariance 
with Gosner (1960) stage as the covariate for body size variables; Wilcoxon two-sample 
test was performed when normality was violated (i.e., Shapiro-Wilk test, P ≤ 0.08).  
“*” = normality was not violated. 
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Table 6.  Mean biomass of algae and detritus between land uses at seven wetlands on the 
University of Tennessee Plateau Research and Education Center, Crossville, Tennessee, 
April – August 2005 and 2006. 
 an = 7 wetlands sampled twice per month in a cylinder (0.25-m2 surface area) at 
0.5-m depth.  
bDry weight in g/0.098 m3. 
cAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
dThere was a month × land use interaction for detritus in 2005; land use 
differences existed only in May, July and August.   
eMeans within rows followed by unlike letters are different by repeated-measures 
of analysis-of-variance;  
“*” = Wilcoxon two-sample test was performed because normality was violated 




  Land Usec 
Biomass a,b  Year Access  Non- access 
  x d,e SE  x  SE 
Algae* 2005 2.61 A 1.88  2.15 A 1.53 
 2006 9.34 A 9.15  1.45 A 0.79 
Detritus 2005 35.20 A   17.02  143.78 B 30.36 
  2006 14.14  A 6.77  154.25 B 30.92 
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Table 7.  Mean abundancea of aquatic invertebrates between land uses at seven wetlands 
on the University of Tennessee Plateau Research and Education Center, Crossville, 
Tennessee, April – August 2005. 
 Land Useg 
Taxab,c,d,e, f Access  Non-access 
 x h,i SE  x  SE 
CAEN 0.10 A 0.10  1.03 A 0.46 
CERA 2.23 A 1.51  1.48 A 0.67 
CHIR 14.53 A 6.53  10.50 A 2.23 
COEN 0 A 0   0.75 A 0.72 
EPHE 0 A 0  0.13 A 0.12 
GOMP 0 A 0  0.05 A 0.03 
HALI 0 A 0  0.03 A 0.03 
HIRU 0.43 A 0.38  0.78 A 0.61 
HYDR 0 A 0  0.08 A 0.05 
LEST 0 A 0  0.05 A 0.05 
LIBE 0.07 A 0.03  1.20 B 0.74 
OLIG 0 A 0  0.08 A 0.08 
PHYS 0.13 A 0.07  0.53 A 0.27 
PLAN 0.37 A 0.22  0.38 B 0.08 
POLY 0 A 0  0.03 A 0.03 
SIAL 0 A 0  0.05 A 0.03 
SPHA 0.40 A 0.23  0.55 A 0.20 
PREDI 1.00 A 0.81  5.65 A 2.78 
OINVERT 36.27 A 15.33  30.40 A 4.34 
TOTAL 36.60 A 15.81  35.85 A 3.28 
an = 7 wetlands sampled twice per month in a cylinder (0.25-m2 surface area) at 
0.5-m depth.  
bAll aquatic invertebrates identified to family, except HIRU and OLIG, which 










Table 7 (continued). 
________________________________________________________________________ 
cCAEN = Caenidae, CERA = Ceratopogonidae, CHIR = Chironomidae,  
COEN =  Coenagrionidae, CORY = Corydalidae, EPHE = Ephemeridae, GOMP = 
Gomphidae, HALI =  Haliplidae, HIRU = Hirudinea, HYDR = Hydrophilidae, LEST = 
Lestidae, LIBE = Libellulidae, OLIG = Oligchaeta, PHYS = Physidae,  
PLAN = Planorbidae, POLY = Polycentropodidae, SIAL = Sialidae, and SPHA = 
Sphaeriidae. 
dPREDI = aquatic invertebrates of amphibian larvae (COEN, GOMP, HIRU, 
LEST, and LIBE). 
eOINVERT = all other aquatic invertebrates not known to predate amphibian 
larvae (CAEN, CERA, CHIR, CORY, EPHE, HALI, HYDR, OLIG, PHYS, PLAN, 
POLY, SIAL, and SPHA). 
fTOTAL = all aquatic invertebrates captured. 
gAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
 hMeans within rows followed by unlike letters are different by Wilcoxon two-
sample test  (i.e., normality was violated; Shapiro-Wilk test, P < 0.001).   
 iThere was a month × land use interaction for PLAN; land use differences existed 





Table 8.  Mean abundancea of aquatic invertebrates between land uses at seven wetlands 
on the University of Tennessee Plateau Research and Education Center, Crossville, 
Tennessee, April – August 2006. 
 Land Useg 
Taxab,c,d,e,f Access  Non-access 
 x h SE  x  SE 
BELS 0.07 A 0.07  0 A 0 
CAEN 0.33 A 0.33   0.53 A 0.43 
CERA 10.43 A 6.42  4.76 A 1.56 
CHIR 31.10 A 14.02  61.00 A 10.12 
COEN 0 A 0  0.20 A 0.17 
CORI 0.03 A 0.03  0.10 A 0.04 
CORY 0.03 A 0.03  0 A 0 
ELMI 0 A 0  0.03 A 0.03 
EMPI 0 A 0  0.15 A 0.07 
EPHE 0 A 0  0.08 A 0.05 
GOMP 0.10 A 0.06  0.10 A 0.06 
HALI 0.13 A 0.09  0.03 A 0.03 
HIRU 8.27 A 7.87  5.95 A 3.22 
HYDR 0.07 A 0.04  0.06 A 0.03 
LEST 0 A 0  0.63 A 0.63 
LIBE 0.23 A 0.15  1.20 B 0.39 
OLIG 0.37 A 0.15  0.08 B 0.08 
PHRY 0 A 0  0.03 A 0.03 
PHYS 3.07 A 2.87  0.63 A 0.37 
PLAN 5.28 A 5.03  0.70 A 0.41 
POLY 0.07 A 0.07  0.43 A 0.15 
SIAL 0.03 A 0.03  0.05 A 0.03 
SPHA 1.73 A 1.04  0.35 A 0.07 
UNK 0.76 A 0.34  1.50 A 0.72 
PREDI 17.33 A 16.14  16.15 A 7.16 
OINVERT 119.20 A 56.98  141.65 A 21.17 
TOTAL 136.53 A 68.79  157.80 A 15.32 
an = 7 wetlands sampled twice per month in a cylinder (0.25-m2 surface area) at 
0.5-m depth.  
bAll aquatic invertebrates identified to family, except HIRU and OLIG, which 
were identified to class.  
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Table 8 (continued). 
________________________________________________________________________ 
cBELS = Belstomatidae, CAEN = Caenidae, CERA = Ceratopogonidae, CHIR = 
Chironomidae, COEN = Coenagrionidae, CORI = Corixidae, CORY = Corydalidae, 
ELMI = Elmidae, EMPI = Empididae, EPHE = Ephemeridae, GOMP = Gomphidae, 
HALI = Haliplidae, HIRU = Hirudinea, HYDR = Hydrophilidae, LEST = Lestidae,   
LIBE = Libellulidae, OLIG = Oligchaeta, PHRY = Phryganeidae, PHYS = Physidae, 
PLAN = Planorbidae, POLY= Polycentropodidae, SIAL = Sialidae, SPHA = Sphaeriidae, 
and UNK = unidentifiable specimens. 
dPREDI = aquatic invertebrate predators of amphibian larvae (BELS,COEN, 
GOMP, HIRU, LEST, and LIBE). 
eOINVERT = all other aquatic invertebrates not known to predate amphibian 
larvae (CAEN, CERA, CHIR, CORI, CORY, ELMI, EMPI, EPHE, HALI, HYDR, 
OLIG, PHRY, PHYS, PLAN, POLY, SIAL, SPHA, and UNK). 
fTOTAL = aquatic invertebrates captured. 
gAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
hMeans within rows followed by unlike letters are different by Wilcoxon two-







Table 9.  Diversity and richness of aquatic invertebrates between land uses at seven 
wetlands on the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, April – August 2005 and 2006. 
aShannon-Weiner diversity index.    
bAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
cThere was a month × land use interaction for diversity in 2006; land use 
differences existed only in April.     
dMeans within rows followed by unlike letters are different by repeated-measures 
of analysis-of-variance.  
“*” = Wilcoxon two-sample test was performed because normality was violated 




  Land Useb 
Metrica Year Access  Non-access 
  x c, d SE  x  SE 
Diversity 2005 0.73 A 0.07  0.77 B 0.10 
 2006 0.90 A 0.31  0.84 A 0.11 
Richness 2005 3.47 A 0.55  4.10 A 0.31 
 2006* 5.27 A 1.84  6.65 A 0.30 
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Table 10.  Daily abundance of fish between land uses at seven wetlands on the University 
of Tennessee Plateau Research and Education Center, Crossville, Tennessee, March –
August 2005. 
aBG = bluegill (Lepomis macrochirus), GS =  golden shiner (Notemigonus 
crysoleucas), HATCH =  hatchling fish, LMB = largemouth bass (Micropterus 
salmoides), MF = western mosquitofish (Gambusia affinis), RB = redbreast sunfish (L. 
auritus), RE = redear sunfish (L. microlophus), and SF = green sunfish (L. cyanellus). 
bPRED = fish predators of larval amphibians (BG, LMB, MF, and SF). 
cOFISH = fish species not known to be predators of larval amphibians (GS, 
HATCH, RB, and RE). 
 dTOTAL = total daily capture of all fish species. 
eAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
 
 Land Usee 
Speciesa,b,c,d Access  Non-access 
 x f SE  x  SE 
BG 58.16 A 29.80  113.80 A 35.73 
GS 6.81 A 6.75  0.05 A 0.03 
HATCH 20.43 A 13.61  59.95 A 21.75 
LMB 0 A 0  2.36 B 1.73 
MF 0 A 0  0.76 A 0.76 
RB 0.02 A 0.02  0 A 0 
RE 0 A 0  1.31  B 1.17 
SF 62.16 A 30.57  1.33 B 1.07 
PRED 120.33 A 48.40  118.25 A 37.18 
OFISH 27.25 A 9.65  61.31 A 21.56 
TOTAL 147.58 A 52.48  179.56 A 45.72 
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Table 10 (continued). 
________________________________________________________________________  
fMeans within rows followed by unlike letters are different by Wilcoxon two-
sample test (i.e., normality was violated; Shapiro-Wilk test, P ≤ 0.001).  
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Table 11.  Daily abundance of fish between land uses at seven wetlands on the University 
of Tennessee Plateau Research and Education Center, Crossville, Tennessee, March –
August 2006 
aBG = bluegill (Lepomis macrochirus), CF = channel catfish (Ictalurus punctatus) 
GS =  golden shiner (Notemigonus crysoleucas), HATCH =  hatchling fish, LMB = 
largemouth bass (Micropterus salmoides), MF = western mosquitofish (Gambusia 
affinis), RE = redear sunfish (L. microlophus), and SF = green sunfish (L. cyanellus).  
bPRED = fish predators of larval amphibians (BG, LMB, MF, and SF). 
cOFISH = fish species not known to be predators of larval amphibians (CF, GS, 
HATCH and RE). 
dTOTAL = total daily capture of all fish species.  
eAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
 
 Land Usee 
Speciesa,b,c,d Access  Non-access 
 x f SE  x  SE 
BG 24.87 A 15.89  167.28 A 60.40 
CF 0.02 A 0.02  0 A 0 
GS 4.44 A 2.46  0.20 A 0.20 
HATCH 7.39 A 3.85  40.32 B 20.68 
LMB 0 A 0  2.07 B 0.91 
MF 0 A 0  1.36 A 1.36 
RE 0 A 0  0.97 B 0.50 
SF 63.74 A 33.97  0.11 B 0.11 
PRED  88.61 A 49.44  170.82 A 61.93 
OFISH 11.85 A 1.67  41.49 B 20.41 
TOTAL 100.46 A 50.68  212.31 A 49.06 
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Table 11 (continued). 
________________________________________________________________________ 
fMeans within rows followed by unlike letters are different by Wilcoxon two-
sample test  (i.e., normality was violated; Shapiro-Wilk test, P < 0.001).
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Table 12.  Water quality between land uses at seven wetlands on the University of 
Tennessee Plateau Research and Education Center, Crossville, Tennessee, March –
August 2005 and 2006. 
aDO = dissolved oxygen levels (mg/L),  SPCOND = specific conductivity levels 
(mS cm-1), TEMP = temperature (C°), and TURB = turbidity (Formazin Turbidity Units); 
units of all chemicals were mg/L. 
cAccess were wetlands (n = 3) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
dNT = no test was performed because water quality variable was not measured. 
eMeans within rows followed by unlike letters are different by repeated-measures 
of analysis-of-variance. 
 
  Land Useb 
Variablea Year Access  Non-access 
  x c, d, e SE  x  SE 
DO  2005 NT NT  NT NT 
 2006 6.33 A 0.61  8.12 B  0.23 
NH3  2005* 0.54 A 0.17  0.25 A 0.01 
 2006 0.57 A 0.01  0.40 A 0.03 
NO2  2005* 0.07 A 0.04  0.04 A 0.004 
 2006* 0.14 A 0.02  0.10 A 0.004 
NO3  2005 7.30 A 0.32  6.93 A 0.55 
 2006 NT NT  NT NT 
pH 2005 7.27 A 0.24  7.11 A 0.08 
 2006* 6.98 A 0.18  7.00 A 0.11 
PO4  2005 0.30 A 0.16  0.14 A 0.07 
 2006 0.26 A 0.19  0.31 A 0.12 
SPCOND  2005 119.36 A 19.81  71.11 B 13.12 
 2006 128.61 A 6.22  75.48 B 9.82 
TEMP 2005 NT NT  NT NT 
 2006 19.73 A 0.39   19.46 A 0.24 
TURB 2005* 85.82 A 39.85  23.40 B 2.91 
  2006* 97.69 A 47.74   27.52 B 3.96 
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Table 12 (continued). 
________________________________________________________________________ 
“*” = Wilcoxon two-sample test was performed because normality was violated 
(Shapiro-Wilk test, P ≤ 0.07).   
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Table 13.  Daily abundance of larval amphibians among months at seven wetlands on the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, March – August 2005 and 2006 
               aLarval amphibians identified to species, except for BUFO, which was identified to genus. 
  Month 
Speciesa,b Year March  April May June July August 
    x c,d SE x  SE x  SE x  SE x  SE x  SE 
ACCR 2005 0 A 0  0 A 0  0 A 0  0 A 0  0 A 0  0.009 A 0.009 
 2006 0 A 0  0 A 0  0 A 0  0.008 A 0.008 0 A 0  0.009 A 0.009 
BUFO  2005 0 A 0 1.65 A 1.65 0.21 A 0.21 0.008 A 0.008 0 A 0  0 A 0 A 
 2006 0 A 0 1.05 A 0.80 0.11 A 0.11 0 A 0  0 A 0  0 A 0 A 
HYCH 2005 NT NT NT NT NT NT NT NT NT NT NT NT 
 2006 0 A 0 0 A 0 0 A 0 0.02 A 0.02  0.009 0.009 0 A 0 
NEMA 2005 0 A 0 0 A 0 0 A 0 0.008 0.008 0 A 0 0 A 0 
 2006 0 A 0 0.01 A 0.01 0 A 0 0 A 0 0 A 0 0 A 0 
NOVI 2005 NT NT NT NT NT NT NT NT NT NT NT NT 
 2006 0 A 0 0 A 0 0 A 0 0 A 0 0.009 A 0.009 0 A 0 
PSCR 2005 0 A 0 0 A 0 0 A 0 0.04 A 0.03 0 A 0 0 A 0 
 2006 0 A 0 0 A 0 0.29 A 0.20 0.07 A 0.05 0 A 0 0 A 0 
RACA 2005 0.54 AB 0.33 0.07 B 0.04 0.03 B 0.01 0.20 AB 0.10 0.30 AB 0.20 0.91 A 0.23 
 2006 0.07 A 0.05 0.06 A 0.06 0.07 A 0.06 3.87 A 3.72 4.71 A 3.14 1.07 A 0.70 
RACL 2005 0 B  0 0.53 A 0.22 0.11 AB 0.04 0.08 B 0.05 0.03 B 0.02 0.04 B 0.02 
 2006 0.21 A  0.07 0.25 A 0.07 0.15 A 0.06 0.03 A 0.02 0.14 A 0.05 0.62 A 0.33 
RAPA 2005 0 A 0 0 A 0 0.08 A 0.05 0.06 A 0.04 0 A 0 0 A 0 
 2006 0.04 A 0.04 0.05 A 0.03 0.17 A 0.08 0 A 0 0 A 0 0 A 0 
RASP 2005 NT NT NT NT NT NT NT NT NT NT NT NT 
  2006 0 A 0 0 A 0 0.08 A 0.06 0.008 A 0.008 0.009 A 0.009 0 A 0 
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Table 13 (continued). 
______________________________________________________________________________________________________  
 bACCR = northern cricket frog (Acris crepitans), BUFO = American toad (Bufo americanus) and Fowler’s toad (B. 
fowleri), HYCH = Cope’s gray treefrog (Hyla chrysoscelis), NEMA = common mudpuppy (Necturus maculosus), NOVI = 
eastern red-spotted newt (Notophthalmus viridescens), PSCR = spring peeper (Pseudacris crucifer), RACA = American bullfrog 
larvae (Rana catesbeiana), RACL = green frog (R. clamitans), RAPA = pickerel frog (R. palustris), and RASP = southern leopard 
frog (R. sphenocephala).   
                 cMeans within rows followed by unlike letters are different by repeated-measures of analysis-of-variance and Tukey’s 
honestly significant difference test.  
dNT = no test was performed because capture = 0.
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Table 14.  Diversity and richness of amphibian species among months at seven wetlands on the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, March – August 2005 and 2006. 
aMeans within rows followed by unlike letters are different by repeated-measures of analysis-of-variance and Tukey’s 
honest significant difference test.    










  Month 
Metric Year March April May June July August 
  x a,b SE x  SE x  SE x  SE x  SE x  SE 
Diversity 2005 0 A 0 0.03 A 0.01 0.06 A 0.04 0.05 A 0.03 0.01 A 0.01 0.04 A 0.02 
 2006 0.05 A 0.05 0.08 A 0.05 0.07 A 0.03 0.04 A 0.01 0.07 A 0.04 0.19 A 0.10 
Richness 2005 0.43 A 0.13 0.48 A 0.11 0.43 A 0.14 0.32 A 0.11 0.21 A 0.10 0.52 A 0.11 
 2006 0.64 A 0.21 0.61 A 0.17 0.57 A 0.15 0.43 A 0.14 0.59 A 0.19 0.76 A 0.33 
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Table 15.  Mean biomass for algae and detritus at seven wetlands on the University of Tennessee Plateau Research and Education 
Center, Crossville, Tennessee, April – August 2005 and 2006.  
an = 7 wetlands sampled twice per month using a circular plot (0.25-m2 surface area) at 0.5-m depth.  
bDry weight measured in g/0.098 m3 
cMeans within rows followed by unlike letters are different by repeated-measures of analysis-of-variance. 









  Month 
Biomassa,b Year April May June July August 
   x c SE x  SE x  SE x  SE x  SE 
Algae* 2005 5.21 A 3.04 5.24 A 2.69 1.12 A 0.78 0.18 A 0.13 0.001 A 0.001 
 2006 7.92 A 4.79 15.96 A 14.89 0.21 A 0.10 0 A 0 0.07 A 0.05 
Detritus 2005 104.61 A 28.61 120.58 A 37.13 61.27 A 12.80 154.77 A 68.65 44.99 A 18.57 
  2006 63.19 A 27.25 137.04 A 72.04 89.16 A 37.74 110.96 A 57.34 70.67 A 32.82 
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Table 16.  Mean abundancea of aquatic invertebrates among months at seven wetlands on the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, April – August 2005.   
 Month 
Taxab,c,d,e,f April May June July August 
 x g,h SE x  SE x  SE x  SE x  SE 
CAEN 1.93 A 1.45 0.79 A 0.42 0.21 A 0.10 0.14 A 0.14 0.07 A 0.07 
CERA 6.79 A 3.37 0.29 A 0.29 0.29 A 0.21 0.36 A 0.14 1.29 A 0.41 
CHIR 19.79 A 5.30 13.21 A 2.87 6.36 A 3.26 5.14 A 2.87 16.64 A 11.94 
COEN 2.00 A 2.00 0.14 A 0.09  0 A 0 0 A 0 0 A 0 
CORY 0 A 0 0 A 0 0 A 0 0 A 0 0 A 0 
EPHE 0 A 0 0.36 A 0.36 0 A 0 0 A 0 0 A 0 
GOMP 0 A 0 0 A 0 0 A 0 0.07 A 0.07 0.07 A 0.07 
HALI 0 A 0 0.07 A 0.07 0 A 0 0 A 0 0 A 0 
HIRU 1.00 A 0.84 0 A 0 0.79 A 0.79 0.79 A 0.71 0.57 A 0.37 
HYDR 0.14 A 0.14 0 A 0 0 A 0 0 A 0 0.07 A 0.07 
LEST 0.14 A 0.14 0 A 0 0 A 0 0 A 0 0 A 0 
LIBE 2.93 A 2.36 0.14 A 0.14 0.43 A 0.35 0 A 0 0.07 A 0.07 
OLIG 0 A 0 0 A 0 0 A 0 0.21 A 0.21 0 A 0 
PHYS 0.50 A 0.29 0 A 0 0.93 A 0.85 0.21 A 0.21 0.14 A 0.09 
PLAN 0.93 B 0.29 0.29 A 0.12 0.04 A 0.04 0.32 A 0.16 0.29 A 0.25 
POLY 0 A 0 0 A 0 0 A 0 0 A 0 0.07 A 0.07 
SIAL 0 A 0 0.14 A 0.09 0 A 0 0 A 0 0 A 0 
SPHA 0.86 A 0.53 0.50 A 0.35 0.43 A 0.23 0.43 A 0.35 0.21 A 0.15 
PREDI 12.14 A 6.92 0.57 A 0.43 2.43 A 1.74 1.71 A 1.39 1.43 A 0.81 
OPRED 63.71 A 14.37 33.86 A 6.48 16.71 A 6.41 14.14 A 5.65 36.14 A 25.28 
TOTAL 75.14 A 16.44 34.14 A 6.66 19.14 A 6.23 15.86 A 5.62 37.57 A 25.13 
an = 7 wetlands sampled twice per month using a circular plot (0.25-m2 surface area) at 0.5-m depth.  
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Table 16 (continued). 
______________________________________________________________________________________________________  
 bAll aquatic invertebrates identified to family, except HIRU and OLIG, which were identified to class. 
cCAEN = Caenidae, CERA = Ceratopogonidae, CHIR = Chironomidae, COEN =  Coenagrionidae, EPHE = Ephemeridae, 
GOMP = Gomphidae, HALI =  Haliplidae, HIRU = Hirudinea, HYDR = Hydrophilidae, LEST = Lestidae, LIBE = Libellulidae, 
OLIG = Oligchaeta, PHYS = Physidae, PLAN = Planorbidae, POLY = Polycentropodidae, SIAL = Sialidae, and SPHA = 
Sphaeriidae. 
dPREDI = aquatic invertebrates of amphibian larvae (COEN, GOMP, HIRU, LEST, and LIBE). 
eOINVERT = all other aquatic invertebrates not known to predate amphibian larvae (CAEN, CERA, CHIR, CORY, 
EPHE, HALI, HYDR, OLIG, PHYS, PLAN, POLY, SIAL, and SPHA). 
fTOTAL = of all aquatic invertebrates captured. 
gMeans within rows followed by unlike letters are different by Tukey’s honestly significance test.    







Table 17.  Mean abundancea of aquatic invertebrates among months at seven wetlands on the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, April – August 2006.  
 Month 
Taxab,c,d,e,f April May June July August 
  x g SE x  SE x  SE x  SE x  SE 
BELS 0 A 0 0 A 0 0 A 0 0.14 A 0.14 0 A 0 
CAEN 1.50 A 0.89 0.36 A 0.24 0.14 A 0.09 0.21 A 0.21 0 A 0 
CERA 7.57 A 4.28 7.24 A 2.96 8.57 A 3.29 1.93 A 0.77 10.64 A 8.67 
CHIR 35.21 A 11.17 32.43 A 16.03 65.57 A 19.75 76.36 A 22.54 31.36 A  9.48 
COEN 0.07 A 0.07 0.50 A 0.50 0 A 0 0 A 0 0 A 0 
CORI 0.07 A 0.07 0 A 0 0.07 A 0.07 0.14 A 0.09 0.07 A 0.07 
CORY 0 A 0 0.07 A 0.07 0 A 0 0 A 0 0 A 0 
ELMI 0 A 0 0.07 A 0.07 0 A 0 0 A 0 0 A 0 
EMPI 0.29 A 0.21 0 A 0 0 A 0 0 A 0 0.14 A 0.09 
EPHE 0 A 0 0.14 A 0.14 0.07 A 0.07 0 A 0 0 A 0 
GOMP 0.07 A 0.07 0.14 A 0.14 0.21 A 0.15 0.21 A 0.15 0.07 A 0.07 
HALI 0 A 0 0.29 A 0.21 0 A 0 0 A 0 0.07 A 0.07 
HIRU 2.21 A 2.13 3.36 A 2.29 17.36 A 13.19 6.86 A 2.87 4.93 A 2.93 
HYDR 0.18 A 0.11 0 A 0 0.14 A 0.11 0 A 0 0 A 0 
LEST 0 A 0 1.79 A 1.79 0 A 0 0 A 0 0 A 0 
LIBE 0.93 AB 0.46 2.21 A 1.03 0.50 AB 0.29 0.29 AB 0.21 0 B 0 
OLIG 0.2 A 0.15 0.36 A 0.28 0.21 A 0.21 0 A 0 0.21 A 0.21 
PHRY 0.07 A 007 0 A 0 0 A 0 0 A 0 0 A 0 
PHYS 0.07 A 0.07 1.50 A 0.93 6.36 A 4.82 0.21 A 0.21 0.21 A 0.21 
PLAN 0.46 A 0.24 3.25 A 1.89 8.89 A 8.44 0.50 A 0.46 0.21 A 0.21 
POLY 0.14 A 0.14 0.07 A 0.07 0.21 A 0.15 0.57 A 0.34 0.36 A 0.14 
SIAL 0 A 0 0.14 A 0.09 0.07 A 0.07 0 A 0 0 A 0 
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Table 17 (continued). 
 
an = 7 wetlands sampled twice per month using a circular plot (0.25-m2 surface area) at 0.5-m depth.  
bAll aquatic invertebrates identified to family, except HIRU and OLIG, which were identified to class.  
 cBELS = Belstomatidae, CAEN = Caenidae, CERA = Ceratopogonidae, CHIR = Chironomidae,  
COEN = Coenagrionidae, CORI = Corixidae, CORY = Corydalidae, ELMI = Elmidae, EMPI = Empididae, EPHE = 
Ephemeridae, GOMP = Gomphidae, HALI = Haliplidae, HIRU = Hirudinea, HYDR = Hydrophilidae, LEST = Lestidae,   
LIBE = Libellulidae, OLIG = Oligchaeta, PHRY = Phryganeidae, PHYS = Physidae, PLAN = Planorbidae, POLY= 
Polycentropodidae, SIAL = Sialidae, SPHA = Sphaeriidae and UNK = unidentifiable specimens.  
dPREDI = aquatic invertebrate predators of amphibian larvae (BELS,COEN, GOMP, HIRU, LEST, and LIBE). 
eOINVERT = all other aquatic invertebrates not known to predate amphibian larvae (CAEN, CERA, CHIR, CORI, 
CORY, ELMI, EMPI, EPHE, HALI, HYDR, OLIG, PHRY, PHYS, PLAN, POLY, SIAL, SPHA, and UNK). 
 Month 
Taxab,c,d,e,f April May June July August 
  x g SE x  SE x  SE x  SE x  SE 
SPHA 1.79 A 0.10 1.36 A 0.96 1.29 A 0.61 0.29 A 0.21 0 A 0 
UNK 0 A 0 0.76 A 0.50 3.71 A 1.98 1.29 A 0.52 0.14 A 0.92 
PREDI  6.43 A 4.85 16.00 A 6.54 36.14 A 26.85 14.71 A 5.92 10.00 A 5.99 
OINVERT 99.86 A 30.53 100.29 A 35.63 208.71 A 83.02 164.00 A 46.14 87.29 A 23.96 
TOTAL 106.29 A 32.80 116.29 A 35.78 244.86 A 107.63 178.71 A 46.39 97.29 A 27.63 
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Table 17 (continued). 
______________________________________________________________________________________________________  
fTOTAL = all aquatic invertebrates captured. 
gMeans within rows followed by unlike letters are different by Tukey’s honestly significant difference test.    
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Table 18.  Diversity and richness of aquatic invertebrates among months at seven wetlands on the University of Tennessee 
Plateau Research and Education Center, Crossville, Tennessee, April – August 2005 and 2006.    
aShannon-Weiner diversity index.   





  Month 
Metrica Year April May June July August 
  x b SE x  SE x  SE x  SE x  SE 
Diversity 2005 1.00 A 0.22 0.82 A 0.09 0.65 A 0.17 0.71 A 0.20 0.57 A 0.14 
 2006 0.89 A 0.11 1.29 A 0.19 0.88 A 0.21 0.65 A 0.21 0.62 A 0.12 
Richness 2005 5.71 A 0.90 4.29 AB 0.42 3.14 B 0.67 3.00 B 0.62 3.00 B 0.17 
 2006 5.86 A 0.83 7.14 A 1.16 7.43 A 1.34 5.71 A 0.89 4.14 A 0.74 
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Table 19.  Daily abundance of fish among months at seven wetlands on the University of Tennessee Plateau Research and 
Education Center, Crossville, Tennessee, March – August 2005. 
aBG = bluegill (Lepomis macrochirus), GS =  golden shiner (Notemigonus crysoleucas), HATCH =  hatchling fish, LMB 
= largemouth bass (Micropterus salmoides), MF = western mosquitofish (Gambusia affinis), RB = redbreast sunfish (L. auritus), 
RE = redear sunfish (L. microlophus), and SF = green sunfish (L. cyanellus). 
bPRED = fish predators of larval amphibians (BG, LMB, MF and SF). 
cOFISH = fish species not known to be predators of larval amphibians (GS, HATCH, RB, RE, and SF).  
 Month 
Speciesa,b,c,d March April May June July August 
  x e SE x  SE x  SE x  SE x  SE x  SE 
BG 14.11 A 6.40 17.80 A 9.02 4.69 A 1.78 14.10 A 11.18 15.69 A 5.95 23.57 A 9.11 
GS 1.36 A 1.36 0.17 A 0.17 0.30 A 0.28 0.21 A 0.21 0.54 A 0.51 0.36 A 0.36 
HATCH 0 B 0 0 B 0 3.56 AB 3.56 10.75 AB 4.56 7.38 AB 3.24 21.30 A 9.02 
LMB 0.03 A 0.03 0 A 0 0.01 A 0.01 1.07 A 0.99 0.21 A 0.14 0.03 A 0.02 
MF 0.04 A 0.04 0.08 A 0.08 0.06 A 0.06 0.10 A 0.10 0.06 A 0.06 0.11 A 0.11 
RB 0 A 0 0 A 0 0.01 A 0.01 0 A 0 0 A 0 0 A 0 
RE 0.07 A 0.07 0.01 A 0.01 0.12 A 0.12 0.04 A 0.03 0.25 A 0.23 0.26 A 0.24 
SF 1.39 A 0.67 1.80 A 0.89 2.07 A 1.27 2.36 A 1.36 8.13 A 5.03 11.65 A 8.83 
PRED 15.57 A 6.06 19.69 A 8.65 6.83 A 1.76 17.62 A 11.53 24.08 A 7.43 35.36 A 13.16
OFISH 1.43 B 1.35 0.18 B 0.17 4.01 AB 3.51 11.01 AB 4.48 8.17 AB 3.10 21.92 A 8.93 
TOTAL 17.00 A 5.96 19.87 A 8.60 10.83 A 2.99 28.63 A 14.49 32.25 A 9.31 57.28 A 18.88
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Table 19 (continued). 
______________________________________________________________________________________________________  
dTOTAL = total daily capture of all fish species. 














Table 20.  Daily abundance of fish among months at seven wetlands on the University of Tennessee Plateau Research and 
Education Center, Crossville, Tennessee, March – August 2006.   
 Month 
Speciesa,b,c,d March April May June July August 
 x e SE x  SE x  SE x  SE x  SE x  SE 
BG 7.39 A 3.28 6.85 A 4.76 7.01 A 6.20 4.20 A 1.69 45.22 A 21.64 35.57 A 13.78 
CF 0 A 0 0 A 0 0.01 A 0.01 0 A 0 0 A 0 0 A 0 
GS 0.25 A 0.25 0.28 A 0.18 0.29 A 0.29 0.28 A 0.28 0.21 A 0.21 0.71 A 0.68 
HATCH 0 A 0 0 A 0 0.80 A 0.79 9.47 A 3.11 15.51 A 9.93 0.44 A 0.32 
LMB 0 A 0 0.01 A 0.01 0.01 A 0.03 0.48 A 0.28 0.44 A 0.24 0.21 A 0.11 
MF 0.29 A 0.29 0.12 A 0.12 0.06 A 0.06 0.12 A 0.12 0.09 A 0.09 0.10 A 0.10 
RE 0.11 A 0.07 0.05 A 0.04 0.10 A 0.05 0.13 A 0.08 0.08 A 0.06 0.09 A 0.07 
SF 0.18 A 0.12 1.39 A 0.96 0.60 A 0.41 1.75 A 1.09 17.72 A 11.71 5.74 A 4.35 
PRED 7.86 A 3.23 8.37 A 4.57 7.71 A 6.10 6.55 A 2.33 63.47 B 21.78 41.63 AB 12.81 
OFISH 0.36 A 0.24 0.33 A 0.18 1.19 A 0.80 9.87 A 2.99 15.80 A 9.88 1.24 A 0.66 
TOTAL 8.21 B 3.22 8.70 B 4.55 8.90 B 5.98 16.42 B 3.50 79.27 A 19.17 42.87 AB 12.59 
aBG = bluegill (Lepomis macrochirus), CF = channel catfish (Ictalurus punctatus) GS =  golden shiner (Notemigonus 
crysoleucas), HATCH =  hatchling fish, LMB = largemouth bass (Micropterus salmoides), MF = western mosquitofish 
(Gambusia affinis), RE = redear sunfish (L. microlophus), and SF = green sunfish (L. cyanellus).   
bPRED = fish predators of larval amphibians (BG, LMB, MF and SF). 
cOFISH = fish species not known to be predators of larval amphibians (CF, GS, HATCH, RE, and SF).  
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Table 20 (continued).  
______________________________________________________________________________________________________  
dTOTAL = total daily capture of all fish species.  
eMeans within rows followed by unlike letters are different by Tukey’s honestly significant difference test. 
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Table 21.  Water quality among months at seven wetlands on the University of Tennessee Plateau Research and Education Center 
in Tennessee, Crossville, Tennessee, March – August 2005 and 2006. 
aDO = dissolved oxygen levels (mg/L),  SPCOND = specific conductivity levels (mS cm-1), TEMP = temperature (C°),  
and TURB = turbidity (Formazin Turbidity Units); units of all chemicals were mg/L. 
bn = 7 wetlands sampled twice per month. 
  Month 
 Variablea Year March April May June July August 
    x b, c, d SE x  SE x  SE x  SE x  SE x  SE 
DO  2005 NT NT NT NT NT NT NT NT NT NT NT NT 
 2006 13.11 A 0.74 7.63 B 0.58 7.27 B 0.80 5.95 B 0.54 4.93 B 0.73 5.23 B 0.56 
NH3  2005 NT NT 0.21 A 0.04 0.33 A 0.11 0.40 A 0.10 0.32 A 0.10 0.62 A 0.32 
 2006 0.26 A 0.10 0.49 A 0.13 0.33 A 0.46 0.55 A 0.12 0.68 A 0.15 0.46 A 0.10 
NO2  2005 NT NT 0.05 A 0.01 0.05 A 0.001 0.03 A 0.01 0.05 A 0.02 0.09 A 0.07 
 2006 0.10 A 0.02 0.11 A 0.01 0.12 A 0.02 0.15 A 0.02 0.09 A 0.02 0.14 A 0.01 
NO3  2005 NA NA 8.36 A 0.36 7.57 A 0.41  7.86 A 0.70 6.79 AB 0.50 4.86 B 1.07 
 2006 NT NT NT NT NT NT NT NT NT NT NT NT 
pH 2005 NT NT 7.50 A 0.19 7.10 A 0.24 7.52 A 0.41 6.86 A 0.16 6.92 A 0.11 
 2006 7.97 A 0.47 6.63 A 0.08 6.80 A 0.10 6.79 A 0.06 6.92 A 0.22 6.84 A 0.03 
PO4 2005 NT NT 0.02 A 0.01 0.36 A 0.29 0.24 A 0.16 0.19 A 0.14 0.04 A 0.02 
 2006 0.14 A 0.14 0.55 A 0.36 0.20 A 0.08 0.31 A 0.17 0.46 A 0.30 0.07 A 0.04 
SPCOND 2005 NT NT NT NT 74.33 A 16.00 92.16 A 12.02 104.49 A 24.55 96.17 A 14.06
 2006 86.64 A 9.33 85.96 A 11.10 103.50  A 15.36 107.40 A 15.06 104.07 A 16.16 101.93 A 14.30
TEMP 2005 NT NT NT NT NT NT NT NT NT NT NT NT 
 2006 11.04 E 0.81 15.54 D 0.57 17.64 C 0.27 21.79 B 0.28 25.73 A 0.35 25.72 A 0.27 
TURB 2005 NT NT 31.43 A 9.97 47.43 A 21.67 54.71 A 22.74 62.93 A 26.33 54.26 A 18.59
  2006 36.86 A 21.30 53.57 A 17.43 46.93 A 20.35 55.79 A 21.14 80.64 A 34.37  71.79 A 25.80
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Table 21 (continued).   
______________________________________________________________________________________________________   
cMeans within rows followed by unlike letters are different by Tukey’s honestly significant difference test.  







Table 22.  Multiple linear regression models predicting mean daily capture of larval amphibians at seven wetlands on the  
University of Tennessee Plateau Research and Education Center, Crossville, Tennessee, March – August 2005 and 2006.   
aBUFO = American toad (Bufo americanus) or Fowler’s toad (B. fowleri), RACL = green frog (Rana clamitans), RAPA = 
pickerel frog (R. palustris), and RACA= American bullfrog (R. catesbeiana).   
 bMetrics retained as per stepwise selection using entry and stay significance level at α = 0.10; all overall F-tests on final 
models were significant (P ≤ 0.089) and coefficients of determination adjusted for number of variables in the models (i.e., R2adj) = 
0.991, 0.470, 0.734, 0.948, and 0.486 for BUFO, RAPA (2005), RACA, RACL, and RAPA (2006). 
 
   Parameter     
Year Speciesa Variableb,c Un-standardized Standardized T P VIFd Partial R2 
2005 BUFO  Intercept -1.055 0 -2.04 0.111 0 . 
  TURB 0.098 0.98 20.36 <0.001 1.000 0.946 
  NH3 -5.076 -0.21 -4.41 0.012 1.000 0.045 
 RAPA Intercept -0.052 0 -0.46 0.662 0 . 
  OFISH 0.004 0.69 2.11 0.089 1.000 0.470 
2006 RACA Intercept -1.396 0 -0.32 0.765 0 . 
  OFISH 0.392 0.86 3.71 0.014 1.000 0.734 
 RACL Intercept 1.389 0 1.17 0.307 0 . 
  SPCOND -0.026 -0.69 -5.15 0.007 1.354 0.815 
  SR 0.556 0.42 3.18 0.034 1.354 0.132 
 RAPA Intercept 0.067 0 0.60 0.573 0 . 
  PREDF 0.001 0.697 2.17 0.082 1.000 0.486 
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Table 22 (continued).  
______________________________________________________________________________________________________   
 cTURB = turbidity (Formazin turbidity units, FTU), PREDF = mean abundance of predatory fish, OFISH = mean 
abundance of non-predatory fish, SPCOND = specific conductivity (mS cm-1), SR = mean species percent richness at study 
wetlands. 










Table 23.  Mean daily larval abundance between completely random and stratified 
random design at seven land uses on the University of Tennessee Plateau Research and 
Education Center, Crossville, Tennessee, May – August 2006.   
aRandom = dip net sampling occurred along a randomly generated azimuth within 
a random cardinal quadrant; Stratified = azimuth randomization restricted to zones of 
emergent shoreline vegetation within a random cardinal quadrant.  
bACCR = northern cricket frog (Acris crepitans), BUFO = American toad (Bufo 
americanus) and Fowler’s toad (B. fowleri), HYCH = Cope’s gray treefrog (Hyla 
chrysoscelis), NEMA = mudpuppy (Necturus maculosus), NOVI = eastern red-spotted 
newt (Notophthalmus viridescens), PSCR = spring peeper (Pseudacris crucifer), RACA 
= American bullfrog larvae (Rana catesbeiana), RACL = green frog (R. clamitans), 
RAPA = pickerel frog (R. palustris), and RASP = southern leopard frog (R. 
sphenocephala).   
cMeans within rows followed by unlike letters are different by Wilcoxon t-test  
(i.e., normality was violated; Shapiro-Wilk test, P ≤ 0.01.)
 Randomizationa 
Speciesb Random  Stratified 
 x c SE  x  SE 
ACCR 0.006 A 0.006  0 A 0 
BUFO 0 A 0  0.34 B 0.25 
HYCH 0 A 0  0.01 A 0.01 
NEMA 0.003 A 0.003  0 A 0 
NOVI 0 A 0  0.003 A 0.003 
PSCR 0.05 A 0.04  0.10 B 0.08 
RACA 0.51 A 0.41  1.92 B 1.72 
RACL 0.22 A 0.11  0.18 A 0.06 
RAPA 0.04 A 0.02  0.05 B 0.03 
RAUT 0.02 A 0.008  0.02 A 0.02 
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Table 24.  Total number and percent of tadpoles collected per wetland for pathogen 
analyses in February, June, and October of 2005 at the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee.  
a184 tadpoles were collected during February (42), June (81), and October (61) 











Wetland Number Total Numbera Percent 
1 40 22% 
2 22 12% 
3 10 5% 
4 10 5% 
5 26 14% 
6 24 13% 
7 34 18% 
8 18 10% 
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Table 25.  Prevalence of bacteria isolates from internal and external samples taken from American bullfrog (Rana catesbeiana) 
and green frog (R. clamitans) larvae inhabiting cattle-access and non-access wetlands at the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, 2005.   
Species and Land-use Typec,d,e,f 







Typeb Access Non-access  Access Non-access 
Achromobacter xylosoxidans I AE 0 A 0.03 A  0.03 A 0.03 A 
A. xylosoxidans ss dentitricans I AE NT NT  0.03 A 0.03 A 
Acinetobacter spp. I AE NT NT  0.08 A 0 A 
Acinetobacter spp. E AE 0 A 0.05A  0.13 A 0.05 A 
A. baumannii I AE NT NT  0.10 A 0.08 A 
A. baumannii E AE 0.24 A 0 B  0.20 A 0. 10 A 
A. lwoffi I AE 0.02 A 0.08 A  0.23 A 0.23 A 
A. lwoffi E AE 0 A 0.08 A  0.15 A 0.15 A 
Aeromonas hydrophila I FC 0.24 A 0.18 A  0.35 A 0.33 A 
Aeromonas hydrophila E FC 0 A 0.08 A  0.35 A 0.18 A 
A. sobria I FC 0.19 A 0.06 A  0.30 A 0.08 B 
A. sobria E FC 0 A 0.06 A  0.20 A 0.20 A 
Alcaligenes spp. I AN 0 A 0.02 A  NT NT 
Agrobacterium radiobacter I AN 0.02 A  0 A  NT NT 
Bacillus spp. I FC 0.05 A 0.02 A  0.08 A  0.08 A 
Bacillus spp. E FC NT NT  0 A 0.03 A 
B. cereus I FC 0 A 0.02 A  NT NT 
B. myroides I FC NT NT  0 A 0.03 A 
B. myroides E FC NT NT  0 A 0.03 A 
Burkholderia cepacia I AE NT NT  0 A 0.05 A 
Burkholderia cepacia E AE NT NT  0.03 A 0 A 
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Table  25 (continued). 
Species and Land-use Typec,d,e,f 







Typeb Access Non-access  Access Non-access 
Brevundimonas diminuta E AE NT NT  0 A 0.03 A 
Chromobacterium violaceum I AE NT NT  0.05 A 0 A 
Chryseobacterium spp. I AE 0 A 0.02 A  0 A 0.05 A 
Chryseobacterium spp. E AE 0 A 0.03 A  0 A 0.03 A 
C. indologenes I AE 0.12 A 0 B  NT NT 
C. meningosepticum I AE 0.02 A 0.03 A  NT NT 
Citrobacter braakii I AE NT NT  0 A 0.03 A 
Citrobacter braakii E AN 0 A 0.02 A  NT NT 
Comamonas acidovorans I AN NT NT  0 A 0.03 A 
C. testosteronis E AN 0 A 0.02 A  NT NT 
Corynebacterium spp. I AE 0 A 0.02 A  NT NT 
C. auris I AE 0 A 0.02 A  NT NT 
Delftia acidovorans I AE 0.02 A 0.03 A  0.08 A 0 A 
Edwardsiella tarda I FC 0 A 0.02 A  NT NT 
Empedobacter brevis I FC 0 A 0 A  0.08 A 0 A 
Enterobacter spp. I FC 0 A 0 A  0 A 0.03 A 
E. cloacae I FC 0 A 0.05 A  0.08 A 0.05 A 
E. cloacae E FC 0 A 0.06 A  0.10 A 0.10 A 
Ecscherichia coli E FC NT NT  NT NT 
Ecscherichia coli I FC 0.02 A 0 A  0.06 A 0 A 
Flavobacterium spp. I FC 0 A 0 A  NT NT 
Hafnia alvei I FC 0.10 A 0 A  NT NT 
Hafnia alvei E FC 0.05 A 0 B  NT NT 
Leclercia decarboxy- (CDCGR41) I AN NT NT  0.03 A 0.03 A 
Moraxella osloensis I AE 0.05 A 0.02 A  0 A 0.03 A 
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Table 25 (continued). 
 
Species and Land-use Typec,d,e,f 







Typeb Access Non-access  Access Non-access 
Moraxella osloensis E AE 0 A 0.02 A  NT NT 
Myroides odoratus I AN NT NT  0.03 A 0 A 
Ochrobactrum anthropi I AE 0 A 0.10 A  0.03 A 0 A 
Oerskovia spp. I AN 0 A 0.02 A  NT NT 
Oligella urethralis I AE 0 A 0.02 A  0.08 A 0 A 
Oligella urethralis E AE 0 A 0.02 A  0.13 A 0 A 
Pantoea species E AN 0 A 0.02 A  NT NT 
P. agglomerans I AN 0 A 0.02 A  0 A 0.03 A 
P. agglomerans E AN NT NT  0 A 0.03 A 
Pasteurella spp I FC 0.02 A 0 A  NT NT 
Plesiomonas shigelloides I AN 0.05 A 0.10 A  0.05 A 0.18 A 
Plesiomonas shigelloides E AN 0 A 0.10 A  0 A 0.28 B 
Pseudomonas spp. I FC 0.31 A 0.10 B  0.13 A 0.08 A 
Pseudomonas spp. E FC 0 A 0.06 A  0 A 0.10 A 
P. aeruginosa I AE 0.05 A 0.02 A  0.05 A 0.03 A 
P. aeruginosa E AE 0 A 0.03 A  0.03 A 0.08 A 
P. alcaligenes I AE 0 A 0.03 A  0.25 A 0.23 A 
P. alcaligenes E AE NT NT  0.13 A 0.08 A 
P. fluorescens I FC 0.02 A 0.08 A  0.18 A 0.05 A 
P. fluorescens E FC 0.02 A 0.05 A  0.25 A 0.10 A 
P. fluorescens-putida I AE 0 A 0.05 A  0 A 0.03 A 
 P. mendocina I AE 0 A 0.03 A  0.05 A 0.05 A 
P. pseudoalcaligenes I AE 0 A 0.02 A  0 A 0.03 A 
P. pseudoalcaligenes E AE 0 A 0.06 A  NT NT 
 P. stutzeri I AE 0.02 A 0 A  NT NT 
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Table 25 (continued). 
Species and Land-use Typec,d,e,f 







Typeb Access Non-access Access Non-access 
Psychrobacter phenylpyruvica I AN NT NT 0.03 A 0.03 A 
Serratia ficaria E FC 0 A 0.02 A NT NT 
S. odorifera I FC 0.02 A 0 A NT NT 
Sphingomonas paucimobilis I AE NT NT 0.03 A 0 A 
Staphylococcus epidermis I FC 0 A 0.02 A 0 A 0.05 A 
Staphylococcus epidermis E FC NT NT 0 A 0.08 A 
Stenotrophomonas maltophilia I AE 0.02 A 0 A NT NT 
Stenotrophomonas maltophilia E AE 0 A 0.02 A NT NT 
S. paucimobilis I AE 0 A 0.05 A 0 A 0.03 A 
Vibrio spp. I FC 0 A 0.02 A 0 A 0.23 B 
Vibrio fluvialis I FC 0.02 A 0 A NT NT 
 aI = Internal swab and pooled organs, E = External swab. 
bAN = Anerobic , AE = Aerobic, FC = Facultative.  
  cAmerican bullfrog, n = 104 (access n = 42, non-access n = 62); green frog, n = 80 (access n = 40, non-access n = 40).   
dAccess were wetlands (n = 4) which had direct cattle access and non-access were  wetlands (n = 4) which had not been 




Table 25 (continued). 
_______________________________________________________________________________________________________  
eNT = no test was performed because capture = 0 
fProportions within rows followed by unlike letters are different by Z-tests for 2 proportions (P ≤ 0.02). 
gNT = no test was performed because bacteria was not detected.   
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Table 26.  Prevalence of parasites within the tissue taken from American bullfrog (Rana 
catesbeiana) and green frog (R. clamitans) larvae inhabiting cattle-access and non-access 
wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, 2005.   
Species and Land-use Typea,b,c 
Bullfrog Green frog 
Parasite category Access Non-access Access Non-access
Renal myxosporidia 0.45 A 0.42 A 0.10 A 0.25 A 
Renal trematodes 0 A 0.03 A 0.10 A 0.05 A 
Liver metazoan 0 A 0.16 B 0.03 A 0.13 A 
Ciliates in stomach and intestines 0.76 A 0.60 A 0.38 A 0.40 A 
Other parasites 0.10 A  0.10 A 0.05 A 0.05 A 
 aAmerican bullfrog, n = 104 (access n = 42, non-access n = 62); green frog, n = 80 
(access n = 40, non-access n = 40).    
bAccess were wetlands (n = 4) which had direct cattle access and non-access were  
wetlands (n = 4) which had not been exposed to direct cattle grazing for at least 10 years.   
cProportions within rows followed by unlike letters are different by Z-tests for 2 
proportions (P = 0.005).
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Table 27.  Mean parasite load and other organisms in feces of American bullfrog (Rana catesbeiana) and green frog (R. clamitans) 
larvae inhabiting cattle-access and non-access wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, 2005.   
Species and Land-use Typeb,c,d 
Bullfrog  Green frog 
Access Non-access   Access Non-access  
Category typea x  SE x  SE  x  SE x  SE 
Amoeba 0.02 A 0.15 0.44 B 0.69  0.15 A 0.36 0.20 A 0.46 
Protozoa with cilia 0 A 0 0.06 A 0.25  0.20 A 0.52 0.13 A 0.40 
Coccidia 0.36 A 0.62 0.37 A 0.58  0.65 A 0.58 0.43 B 0.75 
Protozoa with flagella 0.29 A 0.55 0.40 A 0.82  0.23 A 0.62 0.08 A 0.35 
Nematode 0.24 A 0.58 0.40 A 0.61  0.48 A 0.64 0.25 B 0.63 
Other 0.02 A 0.15 0.55 B 0.76   0.35 A 0.48 0.95 B 1.20 
  aOther = non-parasite (i.e., algae or pollen). 
 bAmerican bullfrog, n = 104 (access n = 42, non-access n = 62); green frog, n = 80 (access n = 40, non-access n = 40).   
cAccess were wetlands (n = 4) which had direct cattle access and non-access were  wetlands (n = 4) which had not been 
exposed to direct cattle grazing for at least 10 years.   
dColumns followed by unlike letters are different by Wilcoxon two-sample test (P ≤ 0.05).  
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Table 28.  Prevalence of histological changes in American bullfrog (Rana catesbeiana) and green frog (R. clamitans) larvae 
collected from cattle-access and non-access wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, 2005. 
Species and Land-use Typeb,c,d,e 
Bullfrog  Green frog 
Organa Histological Change Access Non-access  Access Non-access 
Abdominal fat Parasites NT NT  0.03 A 0 A 
Abdominal fat Granulomas 0.02 A NT  0.03 A 0 A 
Abdominal fat Inflammatory cell infiltrates NT NT  0.03 A 0 A 
Bone Inflammatory cell infiltrates 0 A 0.02 A  NT NT 
Gills Increased Pigment 0.02 A 0.02 A  0 A 0.03 A 
Gills Inflammatory cell infiltrates 0.05 A 0 A  0.05 A 0 A 
Gills Degenerative Changes 0.05 A 0 A  0.05 A 0 A 
Gills Parasites 0 A 0.02 A  0 A 0 A 
Intestines Degenerative Changes 0.45 A 0.66 B  0.73 A 0.88 A 
Intestines Inflammatory cell infiltrates 0.83 A 0.90 A  0.73 A 0.88 A 
Intestines Parasites 0.76 A 0.61 A  0.38 A 0.40 A 
Intestines Increased Pigment  0.02 A 0.03 A  NT NT 
Kidney Parasites NT NT  0.10 A 0 A 
Kidney Myxosporidia 0.45 A 0.42 A  0.10 A 0.25 A 
Kidney Other Degenerative Changes 0.19 A 0.18 A  0 A 0.03 A 
Kidney Eosinophilic Droplets 0.55 A 0.45 A  0.33 A 0.53 A 
Kidney Extramedullary hematopoiesis 0.43 A 0.40 A  0.73 A 0.58 A 
Kidney Inflammatory cell infiltrates 0.40 A 0.42 A  0.23 A 0.45 B 
Kidney Granulomas NT NT  0.05 A 0 A 
Liver Degenerative Changes 0.64 A 0.21 B  0.05 A 0.05 A 
Liver Granulomas 0.12 A 0.08 A  0.08 A 0 A 
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Table 28 (continued)..   
Species and Land Use Typeb,c,d,e 
Bullfrog  Green frog 
Organa Histological Change Access Non-access  Access Non-access 
Liver Parasites 0 A 0.16 B  0.03 A 0.13 A 
Liver Lymphoid aggregates 0.48 A 0.44 A  0.33 A 0.50 A 
Liver Inflammatory cell infiltrates 0.07 A 0.13 A  0.05 A 0.10 A 
Liver Extramedullary hematopoiesis 0.38 A 0.35 A  0.18 A 0.30 A 
Lungs Extramedullary hematopoiesis 0.02 A 0.02 A  0.05 A 0.03 A 
Lungs Inflammatory cell infiltrates 0.05 A 0.00 A  0.05 A 0 A 
Lungs Parasites 0 A 0.02 A  NT NT 
Lungs Degenerative Changes 0.05 A 0 A  NT NT 
Mesentery Parasites 0.02 A 0.08 A  0.03 A 0.03 A 
Mesentery Granulomas 0.02 A 0.03 A  NT NT 
Mesentery Inflammatory cell infiltrates 0.02 A 0.02 A   NT NT 
Pancreas Acinar atrophy 0.21 A 0.26 A  0.18 A 0.18 A 
Pancreas Degenerative Changes 0.14 A  0.18 A  0.18 A 0.18 A 
Pancreas Inflammatory cell infiltrates 0 A 0.02 A  NT NT 
Pancreas Parasites NT NT  0 A 0.03 A 
Pancreas Granulomas NT NT  0.05 A 0 A 
Skeletal muscle Granulomas 0.02 A 0 A  NT NT 
Skeletal muscle Inflammatory cell infiltrates 0.02 A 0 A  NT NT 
Skeletal muscle Degenerative Changes 0 A 0.02 A  NT NT 
Skin Parasites 0.05 A 0 A  0 A 0.03 A 
Spleen Lymphoid depletion 0.21 A 0.32 A  0.13 A 0.15 A 
Spleen Extramedullary hematopoiesis 0.10 A 0.05 A  0 A 0.03 A 
Spleen Granulomas 0 A 0.05 A  0.03 A 0.03 A 
Spleen Inflammatory cell infiltrates 0.02 A 0.05 A  NT NT 
Thymus Lymphoid depletion 0.29 A 0.24 A  0.10 A 0.10 A 
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Table 28 (continued).   
Species and Land Use Typeb,c,d,e 
Bullfrog  Green frog 
Organa Histological Change Access Non-access  Access Non-access 
Thymus Lymphoid aggregates 0 A 0.02 A  NT NT 
Thymus Extramedullary hematopoiesis NT NT  0.03 A 0.03 A 
aIntestines include small and large intestines and stomach within larvae. 
bAmerican bullfrog, n = 104 (access n = 42, non-access n = 62); green frog, n = 80 (access n = 40, non-access n = 40).   
cAccess were wetlands (n = 4) which had direct cattle access and non-access were  wetlands (n = 4) which had not been 
exposed to direct cattle grazing for at least 10 years.   
dProportions within rows followed by unlike letters are different by Z-tests for 2 proportions (P < 0.03). 
eNT = no test performed because pathological changes were not detected. 
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Table 29.  Prevalence of overall histological changes within one or more organs of 
American bullfrog (Rana catesbeiana) and green frog (R. clamitans) larvae inhabiting 
cattle-access and non-access wetlands at the University of Tennessee Plateau Research 
and Education Center, Crossville, Tennessee, 2005.   
 aParasites include trematodes, cestodes and nematodes; ODC = Other 
degenerative changes (i.e., vacuolation); EH = Extramedullary hematopoiesis; ICI = 
inflammatory cell infiltrates. 
bAmerican bullfrog, n = 104 (access n = 42, non-access n = 62); green frog, n = 80 
(access n = 40, non-access n = 40).   
 cAccess were wetlands (n = 4) which had direct cattle access and non-access were  






Species and Land Use Typeb,c 
Bullfrog Green frog Histological Change 
Categorya Access Non-access Access Non-access 
Parasites  0.05 A 0.18 A  0.15 A 0.23 A 
Myxosporidia 0.45 A 0.42 A  0.13 A 0.25 A 
Granulomas 0.17 A 0.10 A  0.20 A 0.08 A 
ICI 0.90 A 0.94 A  0.80 A 1.00 A 
Eosinophilic Droplets 0.50 A 0.44 A  0.33 A 0.50 A 
ODC 0.93 A 0.94 A  0.78 A 0.90 A 
EMH 0.64 A 0.50 A  0.75 A 0.73 A 
Increased Pigment 0.07 A 0.03 A  0 A 0.05 A 
Lymphoid aggregates 0.48 A 0.42 A  0.33 A 0.50 A 
Lymphoid depletion 0.26 A 0.39 A  0.23 A 0.30 A 
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Figure 1.  Experimental wetlands 1 – 8 at the University of Tennessee Plateau Research 
and Education Center in Crossville, Tennessee.  Wetlands 1 – 4 had cattle access while 
















Figure 2.  Sample design for dip net, seine, water quality, algae, detritus, and aquatic 
invertebrate sampling within wetlands.  Dip net sampling sites occurred at the shoreline 
and every 1.5 m along each random transect.  Seine net plots were 2 m from a random 
cardinal azimuth and extended 10 m along the shore.  Water quality measurements 
occurred 2.5 m from shore along a random cardinal azimuth.   Filamentous algae, 
detritus, and aquatic invertebrate sampling occurred at 0.5-m depth (distance from shore 
varied with azimuth and wetland) along a random cardinal azimuth.  
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Figure 3.  Species composition and total richness of the amphibian larval community 
between land-use types in seven wetlands at the University of Tennessee Plateau 
Research and Education Center, Crossville, Tennessee, March – August 2005 (a) and 
2006 (b).
s = 9        s = 7  


















































































Figure 4.  Composition of filamentous algae genera between land-use types in seven 
wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, April – August 2005 (a) and 2006 (b).
 s = 6                                        s = 8 













































































Figure 5.  Species composition of the fish community between land-use types in seven 
wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, March – August in 2005 (a) and 2006 (b).  Hatchling fish could 
not be identified to species.   
      s = 4                                               s = 7 































































































Figure 6.  Species composition and total richness of the amphibian larval community 
among months in seven wetlands at the University of Tennessee Plateau Research and 
Education Center, Crossville, Tennessee, March – August 2005 (a) and 2006 (b).
  s = 2      s = 5       s = 6       s = 7      s = 4      s = 3 



























































































Figure 7.  Composition and total richness of the fish community among months in seven 
wetlands at the University of Tennessee Plateau Research and Education Center, 
Crossville, Tennessee, March – August in 2005 (a) and 2006 (b).  Hatchling fish could 
not be identified to species.
    s = 5       s = 6       s = 8       s = 7      s = 7       s = 7 
   s = 6        s = 5       s = 8         s = 7         s = 7         s = 7 







































Figure 8.  Prevalence of Aeromonas hydrophila in green frog (Rana clamitans) larvae 
among cattle-access and non-access wetlands in June and October of 2005 at the 
University of Tennessee Plateau and Education Center, Crossville, Tennessee.  Sample 
size was 40 tadpoles per species per month (n = 20 per land use type).  Bars within 
months with unlike uppercase letters are different (P < 0.05).  Bars within land-use types 
with unlike lowercase letters are different (P < 0.001) and proportions above bars indicate 
prevalence.     
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Figure 9.   Prevalence of Aeromonas hydrophila in American bullfrog larvae (Rana 
catesbeiana) inhabiting cattle-access and non-access wetlands (a) at the University of 
Tennessee Plateau Research and Education Center, Crossville, Tennessee in February, 
June, and October 2005 (b).  Sample size was 42, 41, and 21 tadpoles in February, June, 
and October, respectively (access n = 42, non-access n = 62).  Proportions above bars 
indicate prevalence.     
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Figure 10.  Prevalence of Frog virus 3 (FV3) only, Aeromonas hydrophila only, and dual 
infection in American bullfrog (Rana catesbeiana) and green frog (R. clamitans) larvae 
collected from cattle-access and non-access wetlands at the University of Tennessee 
Plateau Research and Education Center, Crossville, Tennessee 2005.  Bars within species 
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Figure 11.  Parasite prevalence in American bullfrog (Rana catesbeiana) larvae 
inhabiting cattle-access and non-access wetlands in February, June, and October in 2005 
at the University of Tennessee Plateau Research and Education Center, Crossville, 
Tennessee.  Sample size was 42, 41, and 21 tadpoles in February, June, and October, 
respectively (access n = 42, non-access n = 62).  Bars within months with unlike 
uppercase letters are different (P < 0.05).  Bars within land-use types with unlike 
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Figure 12.  Overall parasite prevalence in green frog (Rana clamitans) larvae inhabiting 
cattle-access and non-access (n = 40) wetlands in June and October at the University of 
Tennessee Plateau Research and Education Center, Crossville, Tennessee.  Sample size 
was 40 tadpoles per species per month (n = 20 per land-use type).  Bars within months 
with unlike uppercase letters are different (P = 0.001).  Bars within land-use types with 
unlike lowercase letters are different (P ≤ 0.05) and proportions above bars signify 
prevalence.    
                       
  Aa 
0.35                            
              
              Aa 
             0.25 
                     Bb 










        
        
       Ab 



















Figure 13.  Prevalence of Frog virus 3 (FV3) only, parasites, and dual infection in 
American bullfrog (Rana catesbeiana) and green frog (R. clamitans) larvae collected 
from access and non-access wetlands at the University of Tennessee Plateau Research 
and Education Center, Crossville, Tennessee.  Bars within species with unlike letters are 
significantly different (P ≤ 0.008) and proportions above bars signify prevalence
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For histological procedures, formalin-fixed tissues were processed and embedded 
in paraffin blocks.   One or more 5-μm section was cut from each block and placed onto 
glass slides.  Each slide was stained using hematoxylin and eosin and examined by Dr. 
Debra Miller of UGA VDIL using light microscopy for any histological changes that may 
indicate infection or disease within the tissue.  Additionally, as Ribeiroia is known to 
cause malformations in amphibians (Johnson et al. 2004), all fixed tissues also were 
histologically examined for this parasite.   
Parasitological Tests 
Parasitological testing was performed by Anita Merril of UGA VDIL.  Fecal 
floatation was performed on all fecal samples, unless fecal quantity was limited, then 
direct smears were made.  For fecal floatation, 5 mL of water and 1 g of feces was added 
to a conical tube, and the tube filled with modified sugar water (Sheather’s solution, 
Ricca Chemical Company, Fort Worth, Texas) until an inverse meniscus formed on the 
top of the tube.   A cover slip was placed on top of the tube and set aside for an hour.  
After 1 hr, any parasites or eggs that floated to the top of the tube were collected on the 
cover slip and placed on a slide.  The slide was examined for any parasite ova or oocysts 
using light microscopy.  For smears, fecal material was directly smeared onto a glass 
slide, and examined for any parasite life stages.  Intensity of parasite load in the feces was 
quantified with a scoring system from 0 – 4, with 0 = absent; 1 = rare, light, or very light; 
2 = moderate, many, few, or occasional; 3 = several or numerous; and 4 = too numerous 
to count.   
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Bacterial Cultures  
Dr. Sreekumari Rajeev, Cindy Watson and Jill Johnson of UGA VDIL performed 
cultured bacteria from collected specimens.  Bacterial cultures and identifications were 
performed using standard operation protocols at the UGA VDIL (Isenberg 1998, Murray 
et al. 2003, Quinn et al. 1994), which are described below. 
Samples from internal organs and internal swabs were pooled and homogenized 
via centrifuge, while swabs from external surfaces were tested separately for bacterial 
pathogens.  For isolation of aerobic organisms, the samples were inoculated onto Tryptic 
Soy Agar with 5% sheep blood (Remel Inc., Lenexa, Kansas, USA) and incubated at 
29oC for 18 – 24 hrs.  When colonies believed to be human, bovine, or amphibian 
pathogens were suspected, they were subcultured separately so a pure culture could be 
obtained and species identified.  Initial inoculation plates were maintained for at least 48 
– 72 hrs to detect slower growing organisms.  For isolation of anaerobic organisms, 
samples were inoculated onto Phenylethyl Alcohol Agar with 5% sheep blood (Remel 
Inc., Lenexa, Kansas, USA).  The samples were incubated at 37°C in a Forma Scientific 
1024 Anaerobic System (Thermo Fisher Inc., Waltham, Massachusetts, USA) then 
observed for five days for the presence of any anaerobic bacteria.  For detection and 
isolation of Salmonella, samples were inoculated onto Hektoen Enteric Agar (HE, Remel 
Inc., Lenexa, Kansas, USA) and into Tetrathionate broth (Remel Inc., Lenexa, Kansas, 
USA).  Similarly, these media were incubated in an aerobic incubator at 29°C.  After 18 – 
24 hrs, the HE plates were examined for the presence of Salmonella colonies. To further 
test for Salmonella, the Tetrathionate broth was subcultured onto HE and incubated in an 
aerobic incubator at 29oC for 18 – 24 hrs.  Any suspect colonies were subcultured onto 
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Tryptic Soy Agar with 5% sheep blood to obtain a pure culture for identification.  To 
detect and isolate any Listeria spp., samples were inoculated on PalCam media (The 
Oxoid group, Basingstoke, Hampshire, United Kingdom), which is a selective media for 
this bacterium.  The media was incubated within a CO2 incubator at 29oC for 24 – 48 hrs 
and examined for suspect Listeria colonies.  Any suspect colonies were subcultured onto 
Tryptic Soy Agar with 5% sheep blood and verified.   
The presence of Leptospira was determined by using a pooled sample of liver and 
kidney tissue.  The samples were serially diluted in BSA buffer and inoculated into 
EMJH semisolid media containing 5FU as a decontaminant.  Cultures were incubated at 
29oC for eight weeks.  The tubes were monitored throughout incubation for the presence 
of a “dinger zone,” which is suggestive of Leptospira.  The “dinger zone” is a ring about 
three millimeters below the surface of the medium that is suggestive of Leptospira 
growth (Murray et al. 2003).  Bacteria from suspect dinger zones were inspected for the 
presence of Leptospira using darkfield microscopy.  For detection of Mycobacterium 
paratuberculosis, intestinal tissue was mixed with 35 mL of water, and 5 mL was 
transferred to 0.9% HPC in one-half strength of brain heart infusion (BHI; Becton, 
Dickson, and Company, Franklin Lakes, New Jersey, USA) then allowed to incubate 
overnight at 35 – 37°C.  The mixture was centrifuged at 3000 x g for 20 minutes and the 
supernatant discarded.  The remaining pellet was resuspended by adding 1 mL of an 
antibiotic brew (ESP para-JEM AS, Trek Diagnostics System Inc., Cleveland, Ohio, 
USA).  The tube was incubated again overnight at 35 – 37°C.  To reconstitute para-JEM 
AS, 25 mL of water, 1.0 mL of ESP para-JEM GS (Trek Diagnostics System Inc., 
Cleveland, Ohio, USA), 1.0 mL of ESP para-JEM EYS (Trek Diagnostics System Inc., 
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Cleveland, Ohio, USA), 0.5 mL of ESP para-JEM AS, 0.05 mL of para-JEM blue (Trek 
Diagnostics System Inc., Cleveland, Ohio, USA), and 1 mL of specimen were aseptically 
added to the tube.  An ESP Culture System II (Trek Diagnostics Systems Inc., Cleveland, 
Ohio, USA) was used to detect bacteria gas production.  When a positive signal was 
indicated by the ESP Culture System II, a bacteria sample was obtained for acid-fast 
staining.  Any organisms that were present were identified to species, and all acid-stain 
positive samples were confirmed by PCR.  If organisms were not present, the tube was 
incubated for up to six weeks and checked again for a growth response via the same 
procedures.  All bacteria isolates were speciated either by using an automated bacterial 
identification system (Sesititer, Trek Diagnostic Systems Inc., Westlake, Ohio, USA) or 
confirmed by PCR.           
Virus Isolation 
Virus isolation was led by Dr. Charles Baldwin at UGA VDIL.  A 10% tissue 
homogenate was prepared from fresh tissue specimens in minimal essential medium 
(MEM) containing 1% gentamycin (Sigma-Aldrich, Atlanta, Georgia, USA).  The 
homogenate was centrifuged at 2,000 x g for 15 minutes at 4°C.   The supernatant was 
cooled and filtered (0.45 µL) directly onto confluent monolayers of a variety of cell lines 
including fathead minnow, epithelioma papilloma cyprini cells, white sturgeon skin, and 
channel catfish ovary.  The cultures were incubated at 22.5°C and examined for viral 
cytopathic effects (CPE) via light microscopy daily for two weeks.  After two weeks, 
material from the first trial was transferred onto a second confluent monolayer of cell 
lines, and examined again daily for two weeks.  Any culture that did not demonstrate 
CPE after four weeks was considered negative.  Cultures that demonstrated CPE were 
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harvested and amplified further by inoculating them into 25- cm2 flasks containing MEM.  
Random viral isolates were verified and characterized using electron microscopy, and 
PCR (discussed below). 
Electron Microscopy 
Electron microscopy was performed by Dr. Eloise Styer of UGA VDIL. 
Virus culture verification.—As indicated above, random viral isolates were 
inspected using electron microscopy.  Cells and cultures from the infected monolayers 
were subjected to two cycles of freezing and thawing with liquid nitrogen, and each 
freeze-thaw cycle was followed by homogenization via a vortex mixer.  The resulting 
product was centrifuged at 23,000 x g for one hour.  The pellet was re-suspended and 
diluted in distilled water until a 25 μL drop was lightly opalescent against a black 
background.  The diluted pellet was mixed with an equal volume of 1.5% 
phosphotungstic acid (pH 6.8) and placed on Formvar-coated 400 mesh grids.  Any 
excess liquid was removed and the grids allowed to briefly air dry (<5 minutes).  Grids 
were examined for any viruses or virus-like particles using a Zeiss EM 900 TEM (Carl 
Zeiss SMT, Inc., Thornwood New York, USA) at an instrument magnification of 
12,000X or greater.         
Fecal examination.—Prior to examination by electron microscopy, fecal samples 
were diluted with distilled water to create a 15 – 20% suspension.  Similar to the virus 
culture, this material was subjected to two cycles of freezing and thawing with liquid 
nitrogen, and each freeze-thaw cycle was followed by homogenization.  The resulting 
product was centrifuged at 12,000 x g for eight minutes, and the supernatant centrifuged 
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at 23,000 x g for 30 minutes.  Similarly, the pellet was re-suspended and diluted in 
distilled water until a 25 μL drop was lightly opalescent against a black background.  The 
diluted pellet was examined in the same manner as the virus cultures.        
Polymerase Chain Reaction (PCR) 
These analyses were performed by Lisa Whittington of UGA VDIL. 
Ranavirus.—When an iridovirus was identified during electron microscopy, PCR 
was performed to verify as Ranavirus.  A heminested PCR targeting the major capsid 
protein gene was performed on fresh and paraffin-embedded tissues for the isolation of 
the Ranavirus genome (Kattenbelt et al. 2000).  For fresh tissue, approximately 1 mL of a 
fresh tissue homogenate was centrifuged to pellet the tissue.  The pellet was processed 
using the QUAamp DNA mini kit (QIAGEN, Valencia, California, USA).  Polymerase 
chain reaction also was performed on tissue to test the applicability of PCR on archival 
specimens.  To prepare the paraffin-embedded tissues, five to ten 10-μL serial sections 
were taken from blocks and placed into a microcentrifuge tube with 1.5 mL of xylene.  
This tube was vortexed and incubated for 15 minutes at room temperature then 
centrifuged at 13.2 x g for five minutes.  The xylene was removed, and all steps were 
repeated.  Next, 1.5 mL of 100% ethanol was added to the tube and it was vortexed and 
centrifuged, then the ethanol was removed and all steps repeated.  Following this, 1.5 mL 
of 95% ethanol and 1.5 mL of 70% ethanol were added to the tube in sequence, vortexed, 
centrifuged, and the remaining alcohol decanted.  The tube was placed in an incubator at 
37°C for approximately 15 minutes.  The sample then was ready for DNA extraction 
using a QUAamp DNA mini kit (QIAGEN, Valencia, California, USA).  
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The major capsid protein (MCP) gene was amplified by PCR (PTC-200 Peltier 
Thermal Cycler, MJ Research Incline Village, Nevada, USA).  The first round reaction 
mixture (25 μL) contained 50 −100 pmol of primers FV3−991 (5’− 
CGCAGTCAAGGCCTTGATGT) and FV3−1571R (5’− 
AAAGACCCGTTTTGCAGCAAAC), 1X PCR buffer (50 mM KCl, 10 mM TRIS−HCl, 
3mM MgCl2), 0.2 mM of dATP, dCTP, dGTP, and dTTP, 1.25 U Taq polymerase 
(Promega Corporation, Madison, Wisconsin, USA), and 2.5 μL of the template.  The first 
round thermal cycler program was 35 cycles, with an initial denaturization step of five 
minutes at 94°C followed by one minute at 94°C.  This step was followed by two minutes 
at 58°C and 72°C, respectively.  The final cycle was followed by a 10 minute elongation 
step at 72°C.  The second round reaction mixture (25 μL) contained the same elements as 
the first round, with the exception of P1050N (5’− TCAAGAGCGCCACGCTGGTGTA) 
and FV3−1571R primers.  Thermal cycles were similar to the first round thermal cycles, 
except that 25 cycles were used for denaturization instead of 35 cycles.  
The PCR products (10 μL) were resolved via electrophoresis on 1.5% agarose gel.  
The resulting amplicons were prepared for sequencing (Stratagene Clearcut Mini−Prep 
Kit; Stratagene, La Jolla, California, USA) and submitted to Seq Wright DNA 
Technology Services, Houston, Texas, USA, for automated sequencing.  The reverse 
sequence was obtained through the reverse primer (FV3−1571R).  A second primer, that 
was 17 bp, FV3−E5778 (5’ − ACTATGCCACCTCCATC, Seq Wright DNA Technology 
Services; S603634.UGA−1,2,3−CP3), was obtained for the forward sequence.  The 
resulting forward and reverse sequences were assembled using LaserGene Sequence 
Analysis Package (DNASTAR, Inc., Madison, Wisconsin, USA).  A GenBank Blast 
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search was performed (National Center for Biotechnology Information, 2005) on the 
consensus sequence (GenBank reference #DQ906048-49).    
Cryptosporidium spp.—A heminested PCR targeting the major capsid protein 
gene also was performed on paraffin-embedded tissues and fecal samples for the isolation 
of any Cryptosporidium spp.  The paraffin-embedded tissues were prepared in the same 
manner as the paraffin-embedded tissue, used for the Ranavirus PCR.  Following these 
steps, 250 μL of sterile water was added to each sample, frozen in liquid nitrogen, then 
boiled in water for five minutes.  This freeze-thaw cycle was repeated five times.  The 
samples then were processed for DNA extraction using the QUAamp DNA mini kit 
(QIAGEN, Valencia, California, USA).  All directions were followed on the QUAamp 
DNA mini kit, except that 100 μL of AE buffer was added to elute DNA from the 
column.    
 The fecal samples were prepared for PCR analysis by adding 250 μL of sterile 
water to each sample and repeating the freeze-thaw cycle used for the paraffin-embedded 
tissues.  The sample then was processed for DNA extraction the same way as paraffin 
tissues (i.e., QUAamp DNA mini kit; QIAGEN, Valencia, California, USA).  
Subsequently, 1 mL of DNA STAT 60 was mixed with each sample.  Following this, 200 
μL of chloroform was added and vortexed.  Samples were incubated at room temperature 
for three minutes then centrifuged for 15 minutes at 7,000 x g.  The top aqueous layer 
that contained the DNA was removed and transferred to a new tube.  Afterwards, 500 μL 
of cold isopropanol was added to each sample, and the samples inverted six times, 
incubated at room temperature for 10 minutes, and centrifuged for 10 minutes at 13.2 x g.  
The liquid was decanted then 500 μL of cold 75% ethanol added to each sample and 
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gently vortexed.  This product was centrifuged at 7,000 x g for five minutes, and all 
liquid was pipetted from the tube.  The pellet was dried using the SpeedVac® (GMI Inc., 
Ramsey, Minnesota, USA) at –55°C then resuspended in 50 μL of 100mM Tris, and 
boiled for five minutes. The samples then were analyzed using PCR.  Conserved primers 
were used for detecting the acetyl coenzyme A synthetase gene (390 bp) as described by 
Morgan et al. (2000).  For this reaction, 5 μL gDNA (from above extraction protocols) 
were added to a PCR-reaction mixture to make a 50 μL total reaction volume containing: 
50 mM KCl, 10 mM Tris-HCl (pH 8.3), 2.0 mM MgCl2, 200 μM each doxynucleoside 
triphosphate (dATP, dCTP, dGTP, dTTP), 2.5 U Taq DNA Polymerase (Promega 
Corporation), 5 μL of each primer, and sterile ddH2O.  Primer sequences were 
GGACCTATTGAATTTGTCAAGG (forward) and GAGTAATTCTGT GTCTCTCCAC 
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